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Abstract

Collagen is a crucial component of tissue. It is a main protein of the extracellular matrix

and functions as a cellular support, aiding cell-matrix signalling. As it supports cells,

its orientation and structure are highly important; any alterations in collagen forma-

tion and assembly cause an alteration in tissue type. Collagen is a hierarchical protein,

forming intercellularly before being released into the extracellular matrix where collagen

molecules self-assemble. The simplest form of collagen is a triple helix, with a repeating

amino acid structure predominately made of Gly-X-Y (where X and Y are usually proline

and hydroproline respectively). This triple helix forms the collagen molecule, which self-

assembles and super twists into microfibrils, fibrils and then fibres within the extracellular

space. As there are many stages to collagen formation, it can be externally manipulated

at many points to produce changes to the overall matrix structure and function. Within

this thesis, the influence of inorganic ions and surface topography are investigated within

the context of exploring how metal-on-metal implants effect collagen matrix formation,

the fundamentals of how early stage collagen mineralisation occurs and how collagen fib-

rils’ alignment can be influenced for wound dressings. It was found that cobalt ions, a

main constituent of metal-on-metal implants are detrimental to matrix assembly. It was

also found that calcium and phosphate (two of the main components of bone mineral)

individually cause a conformational change in the molecular structure of collagen, ulti-

mately preventing fibril formation to occur, but together allow for native fibril assembly.

Although introducing chemicals into the collagen environment resulted in a drastic change

in assembly, altering the surface chemistry did not. However, surface topography plays a

large part in collagen alignment, with a nano-pattern of ridge to gap ratio 1.5 and a depth

of 1000 nm resulting in 60% collagen alignment perpendicular to the ridge edge. The re-

sults within this thesis show that when creating a medical device, or wound dressing, it

is important to factor in any changes to the extracellular matrix as they fundamentally

control cellular function through support and facilitation of cell signalling. Therefore, by

investigating how to externally manipulate collagen, better ways to treat trauma, such as

scarring, and a better understanding of how devices, such as implants, can influence the

surrounding tissue can be understood.
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CHAPTER 1

INTRODUCTION

1.1 The Role of the Extracellular Matrix within the

Body

The extracellular matrix (ECM) is essential for cellular structural support and provides

both biomechanical and biochemical signals for all tissue types [5, 6]. It is comprised of

300 proteins, mostly collagen and glycoproteins; the formation and composition of these

proteins determines each tissue function [5–7]. In addition to proteins, the ECM also

contains proteoglycans which resist compressive forces of the surrounding environment by

hydrating the tissue and providing swelling pressure [8]. Cellular components interact with

the ECM during tissue development, with cell adhesion mediated by receptors within the

ECM, such as integrins [5, 7]. Integrins are a family of cell-surface receptors that facilitate

attachment to the ECM. They are integral to cell survival, development, proliferation

and apoptosis [9]. This integrin adhesion provides a platform for cell migration through

cytoskeletal coupling [5, 7]. It also provides attachment sites for cells to use for detection

of mechanical disruptions. Any mechanical alteration results in remodelling of the ECM to

ensure it is both structurally and functionally viable [10]. Most cells must be bound to the

ECM in order to proliferate. Matrix-cell adhesion regulates cellular shape, a prerequisite

for anchorage-dependent cell proliferation [9].

As tissues are continually restructuring, the ECM undergoes constant modification and
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remodelling through both enzyme and non-enzyme processes. Each modification provides

the correct tensile, elasticity and compressive strength crucial for each tissue type. For

example, tissue within the skin requires an ECM with random orientation to allow for

distortion in multiple directions, unlike bone ECM which needs to be more ordered. The

ECM determines tissue function not only through changes in mechanical properties but

also through binding growth factors and cell-surface receptors to allow cell–cell signalling

to occur [5, 7]. Tissue function is controlled by the regulation of growth factors and

receptors released, the pH and hydration level of the surrounding environment. Unique

topographies and compositions of the ECM are created through a dynamic physical and

chemical interaction with the various cells in the micro-environment. These factors relate

to the water, proteoglycans and proteins within the ECM, dictating the microenvironment

[11].

1.1.1 Composition and Biochemistry of the ECM

There are two types of ECM. One surrounds the cells and forms a connective tissue matrix,

as explained above. The other is specialised and forms the basement membrane separating

the bulk tissue from the epithelium [7], as shown by the schematic in Figure 1.1. Both

create a three-dimensional structure which is comprised of macromolecules.

Each of these macromolecules is chemically and structurally specific for each tissue

type. There are multiple macromolecules groups: fibrillar proteins, non-fibrillar proteins

and proteoglycans [11]. Fibrous proteins within the ECM are collagenous (formed from

collagen types) or non-collagenous (such as fibronectin) [12–14]. The most abundant pro-

tein within the ECM is collagen, consisting of 30% of the total ECM composition. Colla-

gens provide tensile strength and regulate and support both cell adhesion and migration

thereby directing tissue development [7, 14, 15]. Collagens are created and secreted by

fibroblasts residing in the surrounding tissue and has both fibrillar and non-fibrillar forms

[7, 16].

There are multiple types of fibrillar collagens which all have different chemical com-
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Figure 1.1: A cartoon showing that the ECM is comprised of water, matrix proteins and
proteoglycans. All components are essential for both cellular support and tissue function. Not
to scale.

positions tailored for each specific tissue type. Type I collagen triple helix comprises of

two α(1) chains and one α(2) chain. In comparison to this, Type II and Type III consist

of three α(1) chains. Each chemical composition of the α chain is specific to each colla-

gen type. These changes in triple helical structure mean that Type II is found only in

cartilage, vitreous humour and intervertebral disk tissue, with Type III present in most

connective tissues, in particular lungs, skin and blood vessels [17].

Type V is classed as a regulatory fibrillar collagen, regulating the fibrillogenesis process

of collagen type I and III. Type V collagen has three different triple helix isoforms – two

α(1), one α(2) chains; three α(1) chains; one α(1), one α(2) and one α(3) chains. Each

triple helix configuration is specific for the unique role of collagen type V in the tissue,
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with each amino acid chain comprised of residues specific for collagen type V. For example,

in the cornea collagen type V is found in the heterotrimeric form of two α(1) and one

α(2) chains allowing it to co-assemble with collagen type I [18]. This regulates collagen

type I fibrillogenesis to ensure optimal matrix organisation within the cornea [19].

Non-fibrillar collagens predominately form networks as well as attaching to fibrillar

collagen surfaces for regulation. For example, Type XIV is a fibril-associated collagen with

interrupted triple helices (FACIT) and attaches to Type II collagen to regulate collagen

Type II fibril diameter [17]. Collagen Type IV is a non-fibrillar collagen that is mostly

found in the basement membrane. It has a triple helix consisting of two α(1) and one α(2)

chains. The Type IV collagen molecules attach to each other to form a complex network of

proteins. This creates the basement membrane which separates epithelial and endothelial

cells. It differs from fibrillar collagen as one domain within the C-terminal of the triple

helix is not removed during the post-translational stage, with molecules linking at the

triple helix terminals rather than in parallel. It also lacks one of the predominant amino

acid residues present within fibrillar collagens (further description into fibrillar collagen

Type I triple helix structure and formation can be found in Section 1.2) [20].

Bridges between structural ECM components are formed through non-collagenous

multidomain gylcoproteins, such as laminin or elastin [11, 14]. Not only do they reinforce

the structural network but also provide a connection between the ECM and, both cells and

soluble molecules within the extracellular space [11]. Glycoproteins interact with epithelial

cells acting as ligands for cell integrins. Cell functions such as adhesion, proliferation and

differentiation are regulated through the glycoproteins due to the signals they transmit

[7].

Proteoglycans, a separate component of the ECM, take the form of a hydrated gel and

fill the majority of the extracellular space surrounding a cell within tissue. They predom-

inately have hydrating, buffering, force-resisting and binding properties and interact with

the subsequent fibrous proteins to aid mechanical and biochemical processes [5, 7, 11].

These properties are due to the biochemical and hydrodynamic characteristics of the gly-
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cosaminoglycan (GAG) chain within the molecules which bind with water contributing

to both compressive resistance and hydration [11]. These chains are long, linear chains of

disaccharide repeats with an overall negative charge. They are subdivided dependent on

the structure of the GAG chains as well as the density and distribution of these chains

along the protein core [11].

Both the deposition and formation of the ECM is regulated via growth factors, cy-

tokines and mechanical signals mediated via cell surface receptors [9, 14]. Growth factors

stimulate cells causing them to increase either the production of ECM or the synthesis of

ECM degradation enzymes. For example, transforming growth factor-beta (TGF-β) reg-

ulates ECM production (both enhancing and reducing) during wound healing [9]. TGF-β

not only stimulates the production of ECM across many cell types [9, 21–23], but also

other extracellular components such as hyaluronic acid and tenascin. Although growth

factors influence ECM synthesis, ECM-growth factor binding influences and controls their

activity. By binding to multiple growth factors, the ECM is able to store and sequester the

growth factors guaranteeing activation within the vicinity of cells and reducing the like-

lihood of degradation. The main advantages to the binding and release of growth factors

by the ECM is the increase in overall activity of growth factors, the localisation of their

activity to the immediate surrounding environment and the alteration of the intensity of

specific growth factor activity [9].

Remodelling is an integral part of maintaining ECM structure and function [24]. ECM

degradation is maintained by metalloproteinases (MMPs), a family of zinc dependent pro-

teolytic enzymes [14, 24–26]. They are homologous proteins which can be separated into

six groups: collagenases, matrilysins, stromelysins, gelatinases, membrane-type metallo-

protieases and other MMPs (which are Zn+ and Ca2+ dependent). They are comprised

of an N-terminal propeptide, a C-terminal and a catalytic domain and are secreted as

inactive proenzymes from the cell. They are able to cleave multiple components of the

ECM, including proteins, proteoglycans and growth factors, resulting in matrix degrada-

tion [9, 14, 25].
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As collagen is the main structural protein of the extracellular matrix, and orientation

and assembly determines overall tissue function, its external manipulation is the main

focus of this thesis.

1.2 Composition of Collagen Type I

The functional properties of most connective tissues are determined by the multiscale

organisation of the component molecules. Collagen is one of the major building blocks of

connective tissues, and there are 29 different types of collagen within the body [27, 28].

Collagen type I is the most abundant collagen type and is synthesized within mature

fibroblasts. This synthesis begins in the endoplasmic reticulum (ER) with the formation

of procollagen chains [29–32]. Once three of these chains form a triple helix, the molecule

undergoes post translational modification in the Golgi apparatus (Golgi) before being

secreted into the extracellular space [2]. Collagen then self-assembles through multiple

hierarchical stages: from the molecular scale as procollagen to the macro-scale as a fully

formed collagen fibre, as shown in Figure 1.2.

A procollagen chain is a polypeptide consisting of a 300 repeating amino acid triplet

sequence Gly-X-Y, where X and Y are usually proline and 4-hydroxyproline respectively

[27, 33, 34]. Once a procollagen chain is formed, three then self-assemble into a right

handed triple helix through interchain hydrogen bonds, forming a procollagen molecule,

as shown in Figure 1.3A [28, 31, 33, 35]. This triple helix is a 300 nm long heterotrimer,

comprising of two procollagen α(1) chains and one procollagen α(2) chain [28, 30, 33].

The α(2) chain is important for the stability and degradation of the heterotrimer, with

a lack of the α(2) chain resulting in disruption of later stage collagen development [36].

Glycine is the simplest amino acid that is incorporated into protein structures, with only

one hydrogen atom in it’s centre [37]. As glycine is the smallest amino acid, it is the

only residue in the Gly-X-Y triple able to reside in the centre position of the triple helix.

Hydrogen bonds link the amino acids together, with a peptide bond forming between
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Figure 1.2: Hierarchical process of collagen type I formation. Collagen begins as a triple helix,
forming within the endoplasmic recticulum. It is then modified in the Golgi aparatus to form
a collagen molecule, which is excreted from the cell. Here, the molecule self assembles to form
a collagen fibril. Multiple fibrils then self assemble to form a collagen fibre. Schematic not to
scale.

Gly-X, X-Y and Y-Gly. The angle of the C-N bond in the peptide link between glycine

and proline/hydroxyproline allows for helical formation [38]. The ordering of the Gly-X-Y

region can be shown in Figure 1.3B.

To form a procollagen molecule within the ER, other domains alongside the procollagen

chain are required for trimerization to occur. These domains are non-collagenous peptide

sections located adjacent to the Gly-X-Y domains to allow for ease of assembly [39].

Two stages are required for trimerization: specific chain recognition for correct chain

stoichiometry and stable nuclear formation to favour triple-helical folding. Both the C-

and N- terminal of the procollagen chains contributes to triple-helical folding, with the

C-propeptide domain (terminal) initiating the trimerization process. Trimerization causes

triple helix formation at defined sites, ensuring that there is no misalignment of collagen

chains at the triple-helical folding stage [28, 30, 39]. Triple helix formation acts as a zipper

within the ER, moving from the C-terminus to the N-terminus [27].
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Figure 1.3: (A) Collagen triple helix, where each colour indicates a separate amino acid chain.
(B) Colouration of one α chain where glycine is shown in blue, proline in red and hydroxyproline
in pink all linked via peptide bonds. Image acquired from [1] used under the Creative Commons
Attribution License (CC-BY-4.0).

After trimerization and chain recognition has occurred, various proteins are required

to control the triple-helix formation to ensure the complete formation of the procollagen

molecule. One of these proteins is prolyl 4-hydroxylase (P4H). This protein catalyses the

formation of 4-hydroxyproline via hydrolysing of specific proline residues. This selective

binding to α chains not yet folded into a triple helix plays a crucial role in preventing pre-

mature helical formation and final helical folding [40, 41]. Another one of these proteins

is protein disulphide isomerase (PDI). PDI is activated via the N-terminal domain and

forms intra- and inter-molecular disulphide bonds between procollagen α chains. These

bonds have to be trans-conformational for triple helical formation. If the procollagen

α chains have cis conformation the triple helical formation process is hindered [27]. Once

procollagen molecules have formed within the ER, a protein called heat-shock protein 47
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(HSP47) binds to the Gly-X-Y repeating units to prevent premature molecule agglomer-

ation [42, 43]. This only occurs when there is an arginine residue in the Y position rather

than a hydroxyproline (Gly-X-Arg) [42]. If HSP47 did not stop premature molecule ag-

glomeration, collagen aggregates would form intracellularly [27]. This stabilizes the triple

helix until a pH drop in the local environment, on transit from the ER to the Golgi

apparatus (Golgi), causes the HSP47 to dissociate [28, 30, 33].

Post-modifications of procollagen molecules occur in the Golgi. This means that the

proteins need to be transported from the ER to the Golgi. Transportation of proteins

from the ER to the Golgi apparatus is mediated by COPII vesicles. COPII vesicles are

comprised of 6 proteins, which exchange amino acids between each other to bind and

release specific cargo [2]. However, these vesicles usually have a diameter of 60-90 nm so

are too small to transport a collagen molecule (procollagen of size 300 nm) [2, 28, 30, 44].

Procollagen does not bind to the COPII proteins, yet studies have shown that COPII

is integral for procollagen transportation [45–48]. Therefore, an intermediate protein is

required to bind to procollagen and COPII, which allows COPII to grow to accommodate

procollagen [2].

These intermediate proteins are called TANGOs (Transport ANd Golgi Organization)

[2, 48–50]. They are able to bind to the SEC23/24 protein (within COPII vesicles) and

to procollagen molecules [2, 49, 51]. This creates an inner shell for transportation, with

evidence showing that SEC13 (another one of the six COPII vesicles) is able to expand

the outer shell of the COPII vesicle [2, 47]. This is still an incomplete model with there

being underlying issues such as a failure to identify all of the mediation proteins within

this process, and how the inner and outer shells within the enlarged vesicle relate to each

other [2]. Another hypothesis is that ERGIC (ER-Golgi-Intermediate Compartment)

membranes accumulate at the site of transportation and join together to create a large

capsule, as shown in Figure 1.4 [2]. The TANGO, SEC23/24 and SEC 13 complex is still

required at the neck of the growing capsule [2, 52]. Once the capsule has begun forming

there are two distinct possibilities: either the ERGIC vesicles form a complete capsule
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and transport procollagen to the Golgi, or a tunnel is formed between the ER and the

Golgi with ERGIC acting as the tunnel walls [2].

Figure 1.4: Hypothesised transportation of procollagen molecules from the ER lumen to the
Golgi apparatus. ERGIC vesicles form a large capsule with the aid of TANGO, SEC23/24 and
SEC13 complexes. They form either one large capsule which transports the procollagen or a
tunnel for procollagen migration to the Golgi. Adapted from [2] with permission from Copyright
© 2015 Annual Reviews.

It is still unknown how procollagen is transported within the Golgi. It has been

hypothesised that procollagen remains in the Golgi cisterna and is transported via cisterna
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maturation [2, 53]. Cisterna maturation is the dilation of cisternae on the Golgi wall,

which is assumed to encompass the procollagen molecules and transport them around the

Golgi [54].

Once the procollagen molecule is within the Golgi the removal of procollagen C- and

N-terminals can begin. C-terminal processing of the procollagen is performed predomi-

nately by bone morphogenetic protein-1 (BMP-1)/Tolloid like proteinases [28, 55]. BMP-

1/Tolloid-like proteinases are regulated by procollagen C-proteinase enhancers (PCPE)-1

and-2, which are extracellular matrix proteins. The removal of C-terminal propeptides

from procollagen molecules is a rate-limiting step of fibril formation and therefore the

regulation of BMP1 within the Golgi is extremely important [56]. N-terminal process-

ing is carried out by metalloproteinases belonging to a set of large multidomain proteins

called ADAMTS (A Disintegrin and A Metalloproteinase with Thrombospondin repeats)

[28, 57]. These multidomain metalloproteinases are zinc-dependent [56]. Although the

ADAMTS family contains many members, only ADAMTS-2, -3 and -14 are required for

N-terminal processing [28].

After Golgi processing, procollagen molecules are secreted from the cell. The plasma

membrane recesses of the Golgi are able to increase in diameter accommodating the large

procollagen molecules [58, 59]. This allows the newly synthesised molecules (tropocolla-

gen) to be released from the cell into the surrounding extracellular space [30–32, 44, 60].

Tropocollagen self-assembles extracellularly with other tropocollagen molecules to

form microfibrils. Both hydrogen and covalent bonds are formed between tropocolla-

gen molecules to stabilise microfibrils. Hydrogen residues in glycine form the hydrogen

bonds between the carboxyl groups of proline in adjacent molecules. Hydrogen bonds are

also formed between hydroxyl groups in the hydroxylysine residues to further stabilise the

tropocollagen molecules. Covalent bonds form when a methylamine group becomes an

aldehyde group in both lysine and hydroxylysine residues by lysyl oxidase. The aldehyde

groups form covalent cross-links with other aldehyde groups in adjacent molecules [61].

Molecules then pack into parallel lines with a quarter-staggered array and supertwist in
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the axial direction [32, 62]. This structure packs into a quasi-hexagonal array in the equa-

torial plane to form a fibril. A variable number of these microfibrils aggregate to form the

collagen fibrils causing a variation in fibril diameter [61]. The staggered array causes both

overlapping and gap regions within the microfibrils. This produces an oscillating surface

topography of repeating bands along the entire fibril length. The overlapping region is

referred to as D-spacing, and any changes from the average length seems to indicate a

change in collagen formation. D-spacing is averagely 67 nm in length, shown from X-ray

diffraction and scanning electron microscopy, although it is dependent on tissue type [28].

An example of D-spacing is shown in Figure 1.5.

Figure 1.5: Atomic force microscopy image of collagen fibrils in bone showcasing characteristic
D-spacing on fibrils. Scale bar is 1 µm. Adapted from [3] with permission from Copyright ©
2012, American Chemical Society.

Collagen fibres are formed through covalent cross-links between mature collagen fib-

rils. The formation of these cross-links is predominately initiated by members of the

lysyl oxidase family [28, 63]. Within the family there are five main contributors: lysyl

oxidase (LOX), lysyl oxidase-like (LOXL), LOXL2, LOXL3, and LOXL4. All members

have highly homologous C-terminal regions, containing a catalytic domain alongside a
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cytokine receptor domain [28]. LOX causes both telopeptide lysine and hydroxylysine

precursors to convert to telopeptide aldehyde, allysine and hydroxyallysine respectively.

Alongside this, BMP1/Tolloid proteinases continue to regulate the cross-linking and as-

sembly. BMP1 processes the proline-rich region of LOX to allow for multiple forms of

the mature enzyme to produce cross-links. Another enzyme, transglutaminase, is also in-

volved in cross-linking. It forms an isopeptide bond between the γ-carboxyaminde group

of specific peptidyl glutamine residues and the ε-amino group of peptidyl lysines. Mainly

allysine, alongside other precursors, spontaneously condense with other allysines or unre-

acted lysines in order to form both intra- and intermolecular covalent cross-links. Some of

these covalent links can mature into a trivalent form, for example pyridinolines or pyrroles.

Cross-link formation is limited by compounds such as β-aminopropionitrile (BAPN) and

penicillamine. By inhibiting LOX and its derivatives from catalysing aldehyde forma-

tion, BAPN prevents cross-links from being formed [28, 32]. Multiple fibres then bundle

together within connective tissue and are stabilised through interactions with FACIT col-

lagens and small leucine-rich repeat proteoglycans (SLRPs). These interactions allow for

tensile forces to be absorbed by the collagen structure and can range in size dependent

on final tissue type [11].

1.3 Collagen Molecule Hydration

Protein-water interactions are crucial for protein conformation, folding, stability and func-

tion [64, 65]. The high content of hydroxyproline within the main bulk of the collagen

molecule facilitates water interaction with the molecule, due to the hydroxyl group present

within the residue [65, 66]. There are two forms of water within a collagen matrix; bulk

water and surface water [64]. The water that is bound to collagen differs from that of

bulk water within the matrix [66]. This is due to the three stages of collagen hydration;

structural water bridges, cleft water and surface water [64].

Structural water bridges form between the α chains within the triple helix (Fig-
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ure 1.6A). They occur when collagen reaches a humidity of 0.065 grams of water/grams

of protein (g/g) [64, 67]. These bridges form between the amide carbonyl groups between

peptide bonds in separate chains and link every three protein residues [64, 65, 68]. Car-

bonyl groups from glycine and hydroxyproline only are involved in inter-chain hydration;

two sites for hydroxyproline and one for glycine. These groups however, are still less

hydrated than the hydroxyl group in hydroxyproline [65]. This hydration link allows for

triple helix stability and conformation [64].

Cleft water begins to form at higher hydration levels. Water molecules link together

to form chains which lie in the gaps (or clefts) between the collagen α chains within the

molecule and form in the direction of the fibre, as shown in Figure 1.6B. When combined

with structural water bridges, the hydration layer forms a triple helix that lies within and

between the triple helix of the collagen. This occurs only at a hydration layer higher than

0.26 g/g [64, 67]. As hydration levels increase, cleft water begins to form a monolayer

surrounding the collagen molecule (consisting of 18 water chains), hydrating the entire

molecule surface [67].

The hydration monolayer surrounding the collagen molecule consists of primary and

secondary hydration, occurring at a higher hydration of 1.62 g/g, and is also known as

surface water [64, 67]. Primary hydration (0.794 g/g) occurs next to hydrophilic surfaces

with secondary (0.83 g/g) occurring adjacent to hydrophobic surfaces. Therefore, half of

the hydration is associated with polar surfaces on the collagen molecule and the other half

non-polar. Primary hydration will form first with polar residues, followed by secondary

hydration forming an uneven monolayer, as shown in Figure 1.6C. This layer is important

for self-assembly of collagen molecules into fibrils [66].
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Figure 1.6: Not to scale cartoon depicting lateral and plan view hydration levels of a collagen
molecule. (A) Structural water bridges forming between peptide bonds on separate chains on
each third residue. (B) Cleft water forming within the gaps of each α-chain with increased
hydration, forming a triple helix of water within the collagen triple helix. (C) Monolayer formed
from primary and secondary water layers. Primary hydration occurs when water molecule bind
with polar residues with secondary hydration forming with non-polar residues. This forms an
uneven outer hydration layer.

1.4 Characterisation of Collagen Type I

Molecular characterisation of collagen was predominately obtained via X-ray diffraction

imaging [69]. Initial X-ray diffraction studies by Herzog, Jancke and Gonell in 1921

and 1925 indicated the presence of collagen fibres [69–71]. However, they were unable to

interpret the diffraction pattern. This was achieved by Astbury in 1940, when he stretched

the collagen fibre to see the underlying collagen components [69, 72]. His diffraction

pattern had an intensity distribution that matched that of a helical structure, previously

established by Cohen and Bear in 1953 [69, 73]. Astbury was able to establish that

collagen had a distinct diffraction pattern with a meridional arc at 2.86 �A [72, 74]. This
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was further confirmed with chemical studies occurring at the same time. Bowes and

Kenten [75] first investigated the full amino-acid composition of collagen in 1948. They

used titration curves to establish both the acidic and basic components of the amino

acids. This was advantageous over individual amino-acid analysis as it gave insight into

how each residue interacted and how the amino-acids linked within the collagen molecule.

They were able to determine that the side-chain groups of both dicarboxylic acids and

basic residues were free, and that there was a small number of terminal groups. They also

were able to account for 99% of all nitrogen within the collagen molecule [75, 76].

Within the 1950s there were many discoveries into the formation of secondary bio-

logical protein structures including the alpha-helix, beta-sheet and the structure of DNA

[77–79]. These formations, alongside the development of new technologies, provided the

foundations for the collagen triple helix structure [76]. Pauling and Corey created the

first model in which collagen was comprised of three amino acid chains instead of one

[74]. The fibre-axis spacing of 2.86 �A (previously shown by Astbury [72]) indicated a cis

configuration of the amide groups within the polypeptide chain. By looking at x-ray in-

vestigations, the length of the amide group within the chain matched that of the fibre-axis

spacing [74]. However, previous studies into alpha-keratin structure showed that helical

structures had a meridional arc of 5.1 �A, indicative of diagonal spacing [80]. This was

impossible to achieve with the current x-ray diffraction patterns of collagen. However,

by having three polypeptide chains, in a cis-cis-trans formation, they would interact in

a way which allows for intramolecular hydrogen bonds and a fibre-axis residue length of

2.86 �A. Also, by looking at the density of dehydrated collagen and x-ray diffraction pat-

tern, Pauling and Corey were able to establish that each chain consisted of three residues

per unit of the molecule [74].

The triplet sequence of amino acids was first discovered by Schröeder et al [81]. By

using ion exchange chromatography on a gelatin sample it was found that it comprised

mainly of glycine, proline and hydroxyproline. Chromatography was used as it allowed

for the gelatin to be separated into a series of discrete peptide zones. Some of these zones
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were still too large to establish individual amino acids, so conversion to dinitrophenyl

derivatives allowed for further fractionation. A method previously developed by Moore

and Stein [82] allowed for peptide fractionation of this manner, although the processes

needed to be maintained at 37.5o to ensure complete peptide separation. Following on

from this work, Ramachandran and Kartha [83] developed the order of amino acids and

how these amino acid chains interacted with each other. Although their initial sequence

was incorrect, it allowed for Rich and Crick to develop the correct Gly-X-Y structure, with

proline and hydroxyproline in position X and Y respectively [84]. They believed that the

original structural model was incorrect as it was stereochemically unsatisfactory, with

a short carbon-carbon line alongside it’s inconsistency with the work of Schröeder et al

[81]. By creating potential chains and coiling them into both right and left handed helical

arrangements, they found that the right handed helix allowed for hydrogen bonds to form

between chains. This was confirmed by similarity of x-ray diffraction work from Schroeder

et al and consistency with stereoisomer stability [84]. Gross first proposed the idea of a

subunit of collagen in 1956 which, when aggregated together, formed a collagen fibril.

The study used electron microscopy of collagen at different pH values to characterise the

precipitated collagen. Highly dilute solutions allowed for images of individual collagen

molecules, determining both their length and diameter. It was also determined that the

solution in which the collagen precipitated caused a variation in both fibril form and width

[85].

Trimerization of type I collagen was intitially investigated in 1973 by Monson and

Bornstein [86]. By extracting procollagen from embryonic chick cranial-bone, evidence

was provided to show how procollagen exists as a triple-stranded molecule bonded by

disulphide links. Through radioactive labelling each of the procollagen chains, pulse-

chase experiments determined how the formation of procollagen chains occurred in vitro.

Chromatography on CM-cellulose was also used to indicate that procollagen chains co-

valently linked, creating a triple helical strucutre with there being a ratio of proα(1)

and proα(2) of 2:1 [86]. This work was further investigated by Fessler et al [87] to see
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whether inhibiting enzymes prevented the formation of disulphide links. They found that

N-terminal regions linked via disulphide bonds regardless of the folding states of the rest

of the procollagen chain. However, this caused dimerization rather than trimerization of

the procollagen chains.

The importance of P4H in collagen formation was first established by Peterkofsky and

Udenfriend [41]. Through previous work [40], it was found that there was a lag phase

between proline hydrolysation and hydroxyproline. Radioactive markers were attached

to both the proline and hydroxyproline and measured after hydrolysis. The experiment

indicated how proline hydroxylase was required in order to hydrolyse hydroxyproline at

the same time as proline [40, 41]. HSP47 was initially identified within chick embryos

by Nagata et al in 1986 [88]. Gel electrophoresis revealed that there was an unexpected

protein which corresponded to HSP47. Localisation of HSP47 in the ER was proved

by immunofluorescence and immunoelectron microscopy in 1987 by Saga et al, who also

confirmed the pH dependence of HSP47 through binding assays [89]. Further insight into

sequence signalling of the protein and the N-terminal of procollagen chains developed in

subsequent years [90, 91], with research continuing into the exact binding mechanisms of

HSP47 to procollagen molecules.

The first structural analysis of the polypeptide was reported by Yonath and Traub

[92] in 1969, through x-ray diffraction. After this many theoretical investigations were

undertaken to further understand the primary structure of collagen [93, 94]. Building

on the theoretical work, diffraction investigations involving synthesized peptides helped

understand the formation and stabilization of procollagen peptides [95].

D-spacing is a fundamental characteristic created during collagen fibril formation.

The presence of D-spacing was originally observed by Rigby et al in 1959 [96]. They saw

undulating structures spanning a rat tail tendon under light microscopy. Diamant et al

[97] continued this work and showed the same repeating pattern, instead using polarised

light microscopy. The first discovery of D-spacing using SEM was made by Millington

and Brown in 1970 [98]. Through imaging separate characteristics of skin they observed
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the phenomena of D-spacing but did not know how it arose. A comparison between

x-ray diffraction and electron microscopy was undertaken by Hulmes et al [99]. They

were able to confirm that the D-spacing averaged at the expected 67 nm in periodicity.

Confirmation of the regular D-spacing on AFM was first measured by Baselt et al in

1993 [100]. They were able to image native rat tail collagen type I to the same detail

that is obtained through electron microscopy. From here, development into combining

techniques to obtain better quantitative values of D-spacing alongside observation of how

different environments affect the D-spacing have been investigated. Ushiki et al found

that inclination angle of subfibrils had an effect on the D-spacing, with a 15o spiral

angle causing a D-spacing of 63 nm, showing how the average may not be the most

appropriate indicator of collagen formation [101]. Erickson et al have combined AFM and

two-dimensional fast Fourier transforms in order to quantitatively characterize nanoscale

features of collagen, including D-spacing lengths [102].

The first work regarding collagen fibril cross-linking was conducted through investi-

gations into lathyritic chick embryos, undertaken by Levene et al in 1959 [103]. Lathytic

diseases causes tremors, paraplegia and muscular weakness. This work and work following

found that the incorporation of more BAPN caused greater deformities in collagen forma-

tion [104–107]. In comparison, the discovery of lysyl oxidase in collagen cross-linking was

first discovered by Bornstein et al in 1965 [108]. Chromatography on phosphocellulose

was undertaken and the quantity of lysine in cross-links between varying α chains was

established. From here, investigations involving reduction in lysyl oxidase activity were

undertaken to see how this effected collagen formation [109]. Other members of the LOX

family were not discovered until much later. All of the members were discovered through

cDNA, with LOXL being the first of the extended family to be discovered in 1993 by

Kenyon et al [110]. The next family member to be discovered was LOXL2, an oxidase

found at high levels in reproductive tissues. LOXL2 was found in 1999 by Jourdan-Le

Saux et al [111]. Both LOXL3 and LOXL4 were discovered in 2001 by Maki et al and

Ito et al respectively [112, 113]. More recent work has involved inhibiting collagen cross-
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links by introducing new selective inhibitors of LOXL2/3 to an in vitro model [114–116].

Further work into the function of members of the lysyl oxidase family in vivo has been

mainly focused on collagen’s involvement in tumour growth and regulation [117–121].

1.5 External Influence of Collagen Type I

1.5.1 Chemical Influence

Collagen fibril self-assembly is a thermally driven proces. The formation of fibrils is highly

dependent on pH, ionic strength and temperature with native fibrils, forming within a pH

range of 5.0 - 8.5, temperature range of 15 - 37 oC and ionic strength range of 0.1 - 0.8 [122–

124]. The pH value of the solution in which the collagen is dispersed effects the stability of

the collagen fibrils, which in turn influences both D-spacing and fibril diameter [122, 125].

Therefore, it is important to understand how different pH and ionic environments effect

characteristic properties of collagen formation (such as D-spacing, fibrillogenesis profiles

and fibril diameter). Temperature effects the hydrophobic interactions which in turn

affects the kinetics of fibril formation alongside pH and ionic strength [126].

Harris et al [127] showed that a buffer with pH of 2.5 (glycine·HCl) prevented collagen

molecules from aggregating regardless of the concentration of buffer used. This suggests

that pH value has a large influence on aggregation of collagen molecules to form fibrils.

However, when in the presence of high concentration NaCl (500 mM), partial aggregates

can be detected via transmission electron microscopy (TEM). This, however, indicates

that the presence of certain ions can aid initial molecular aggregation. When the pH

of the buffer is further increased (pH 4) with the presence of NaCl, partial unbanded

aggregates form, which have a flecked rather than smooth appearance. In the presence of

phosphate buffer (pH 7), collagen molecules aggregate to display characteristic D-spacing

with aligned clustering. If this is also in the presence of high NaCl concentrations (100 -

500 mM), fibrils with D-spacing are observed alongside fully formed collagen fibres. This

overall indicates that pH value is an integral part of collagen formation, with compounds
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such as NaCl contributing to final fibril formation and alignment to form fibres [127].

Li et al [122] investigated the kinetics of collagen type I fibril formation at varying

pH values to determine how the pH of the surrounding environment influenced collagen

morphology. Initially, turbidity measurements were conducted to understand how the pH

of the medium effected fibril formation. Turbidity measurements of solutions measure

absorbance in the z-axis over a select time period [122]. When collagen assembles, the

resulting solution changes from translucent to opaque in the z-axis, so formation of the

collagen matrix can be observed via absorbance [128]. The study found that pH values

ranging between 8.0 - 9.2 produce the greatest level of absorbance, and therefore allow for

a higher level of aggregation. Fibrils also form between pH values of 6.9 - 8.0 but with a

lower overall absorbance. Collagen dispersed in buffer at pH values of 6.6 and 10.5 produce

relatively weak gels with low absorbance and low rate of fibril formation. Morphological

experiments (conducted via TEM and scanning electron microscopy (SEM)) indicate how

low pH values cause a wide range of fibril sizes, with smaller aggregates not forming

characteristic D-spacing. However, when the pH of the medium is increased, fibrils become

uniform and begin to form a matrix. TEM and SEM measurements also provided insight

into how pH effects fibril diameter. A pH of 6.0 gives no detectable fibrils, however, after

three days small fibrils of 85 nm diameter can be detected with a medium of pH 6.6.

Although the rate at which fibrils form between pH values of 6.9 - 8.0 vary, the final fibril

diameter across the range is consistent at approximately 200 nm [122]. D-spacing is also

unaffected within the pH range of 6.9 - 8.0, with an average D-spacing of approximately

62 nm, correlating with expected values [122, 129–132]. Low pH values show an increase

in fibril diameter, as shown by Wood et al [124], however the more basic the pH of the

medium the thinner the fibril diameter, as shown by Roeder et al [133].

Electrostatic interactions between collagen molecules and fibrils will have an effect on

the formation of larger fibrils and fibres [122, 134, 135]. Collagen molecules are more

likely to aggregate at their isoelectric point (pI ) as they are less soluble. This occurs at

pH 9.3 [135], yet is effected by the presence of ions within the solution. If ionic strength
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is increased then the pI value shifts to a lower pH [136]. If the ionic strength is increased,

causing a pH shift between 5.3 - 7.3 (through, for example, increasing KCl content) the pI

also shifts to the pH region. Yet, if a complex such as CaCl2 is present the pI favours more

basic pH conditions [136]. This indicates that the aggregation of collagen molecules into

fibrils is controlled significantly by electrostatic interactions. The Debye length, (κ−1),

needs to be taken into account when discussing electrostatic interactions. This length

measures the net electrostatic effect of a colloidal particle within a medium containing

free ions/charges. It indicates the distance to which the electrostatic effect of the colloidal

particles can be observed and decays exponentially with distance. It is dependent on both

the concentration of charges within the solution but also on their size [137, 138]. It is

expressed as,

κ = (
NAe
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ε0εrkBT
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2
i )

1
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where NA is Avogadro’s constant, e is the elementary charge, ε0 is the permittivity of

free space, εr is the relative permittivity of the solution, kB is the Botlzmann constant, T

is the absolute temperature, Ci is the molar concentration of the i-th ion (mol L−1) and

Zi is the charge number of the i-th ion [122].

The theoretical maximum of the Debye length of collagen within a pure water medium,

is ∼970 nm. However, Li et al. determined that when collagen is within an electrolyte

rich medium the Debye length reduces to ≤ 0.6 nm. The distance between two collagen

molecule surfaces (i.e. between two tropocollagen monomers) in fully hydrated collagen

fibrils is ∼0.5 nm. Therefore, electrostatic interactions between collagen molecules within

an electrolyte medium are only important when the collagen molecules are aggregated

into fibrils, as the distance between the collagen molecule surfaces is less than 0.6 nm

[122].

When the pH of collagen approaches the pI value the molecule charge is reduced,

minimizing repulsion and favouring aggregation. Overall, fibril formation of similar D-

spacing and diameter is formed within a pH range of 6.9 - 9.2, although the rate of fibril
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formation varies within this range. A pH value of 9.2, matching that of the pI value for

collagen, has the highest rate of molecule aggregation [122]. This is because the collagen

molecules have an overall net charge, which increases their electrostatic attraction to

neighbouring fibrils. Any changes in pH value will alter the charge on the side groups and

therefore alter the likelihood of electrostatic interaction [126].

The mechanical properties of a collagen matrix are determined by fibril formation.

Therefore, the chemical environment in which the collagen matrix forms will alter the

mechanical properties. Achilli et al used turbidity measurements to evaluate how the

local environment effected collagen fibrillogenesis. Collagen is unable to form fibrils at a

temperature of 4 �, yet is able to fully gel at a temperature of 21 �l after three days.

Achilli et al also found that a pH of 7 obtained a higher absorbance and faster kinetic

formation than that of pH 10 [126]. Collagen matrices at higher pH seem to be more

compact regardless of ionic strength (shown via SEM imaging) [126, 139]. This is most

likely due to an increased formation of net electrostatic interactions between charged side

groups, increasing attraction and causing tighter packing of the network. When collagen is

at a pH of 10, an increase in ionic strength and decrease of temperature result in a higher

compressive modulus (CM) and compressive strain energy (CSE). CSE here was defined as

the integral between 0 – 40% strain [126]. However, a pH of 7 does not significantly change

the CM or CSE regardless of temperature and ionic concentration. It has been shown

in multiple studies that the higher the pH the stiffer the collagen matrix [126, 139, 140].

This may be due to the higher level of packing observed at higher pH, contributing more

to an increase in collagen matrix stiffness, CM and CSE rather than it being dependent

on another characteristic such as fibril diameter. Overall, it seems that a neutral pH

stabilises the mechanical properties of the collagen matrix, with neither temperature nor

ionic strength altering CM and CSE. Yet, in basic conditions, temperature has a significant

effect on mechanical strength, greatly increasing the mechanical properties of the matrix

at a temperature of 4 � [126].

Alterations in the surface chemistry of a substrate can change how collagen adsorbs
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onto its surface. By enhancing the hydrophilicity of a surface, the organisation and me-

chanical properties of adsorbed collagen can be changed. Pamula et al demonstrated

this by evaluating how collagen structure changes when placed on polystyrene (PS) and

oxidized polystyrene (oxidized by oxygen plasma discharge, PSox). PSox is more hy-

drophilic than PS due to the increase in surface oxygen concentration. This results in

a slower initial adsorption onto the PSox in comparison to the PS surface. Throughout

all stages of adsorption, the hydrophobic PS surface resulted in collagen aggregates. In

comparison, the more hydrophilic surface resulted in a smooth initial layer followed by a

mesh like structure of collagen at longer adsorption times. This in turn altered the overall

mechanical properties of the collagen matrix, with a more hydrophilic surface allowing

for a higher mechanical stability of the collagen structure [141]. Denis et al also found

that a more hydrophobic surface resulted in aggregates of collagen on the substrate sur-

face [142]. They found in multiple studies that more collagen adsorbed onto hydrophobic

surfaces in comparison to hydrophilic surfaces [142, 143]. It was concluded that surface

chemistry determined the level of adsorption, with both surface chemistry and topogra-

phy determining orientation and organisation [142]. This property was also confirmed by

Elliott et al, who indicated that hydrophobic areas caused large collagen fibril structures.

More specifically, they determined that a water contact angle of >78◦ is essential for large

collagen fibril assembly. Collagen fibril density increased with this angle until reaching a

maximum density at a contact angle of 87◦. If the water contact angle is < 63◦ there will

not be any collagen fibril assembly [144]. In this way surface chemistry is able to dictate

adsorption of collagen molecules and therefore initial organisation of the self-assembly

process essential to collagen fibril formation.

1.5.2 Physico-Chemical Influence

Physical treatments can be implemented during fibril formation which alter the chemical

composition of collagen, and in turn it’s physical properties.

Dehydrothermal (DHT) treatment is a treatment which causes free carboxyl and amine
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groups within the collagen triple helixes to form amide bonds. This results in more cross-

linked collagen, enhancing properties such as elastic modulus, tensile strength, thermal

stability and resistance to enzyme degradation [145]. During the treatment, collagen is

placed under vacuum and exposed to high temperatures (110 �) to remove any water

within the structure [145, 146]. Ber et al found that exposing collagen to DHT resulted

in a increase in strain, toughness and overall elongation of collagen structure. They

also found that DHT decreased the hydrophilicity of collagen structures, however the

treatment did not effect the biocompatibility of collagen, instead enhancing cell adhesion

and growth [146]. Ratanavaraporn et al found that DHT treated collagen could be used as

a skin substitute. During this treatment, freeze dried collagen samples were subjected to

temperatures of 140� under vacuum. They found that DHT treated collagen had a higher

compressive modulus, increasing with an increasing exposure to DHT treatment. They

also found that the longer the DHT treatment, the higher the rate of cellular proliferation,

indicating as well that DHT treated collagen increases cellular proliferation [147].

Another technique which can increase the cross-linking of collagen is exposure to ultra-

violet (UV) light. As UV irradiation causes bonds to form within aromatic phenylalanine

and tyrosine residues within collagen, it is able to increase the cross-linking of the colla-

gen structure without compromising the bioactivity of the matrix. This, therefore, links

protein molecules without changing the binding sites crucial for cell recognition [148]. An-

other benefit to irradiating collagen with UV is that it will also sterilise the collagen, killing

microorganisms by disrupting their DNA [148, 149]. Irradiation at short wavelengths of

184.9 and 253.7 nm result in an excitation of molecular oxygen, forming ozone [150]. This

ultimately changes the number of amino acids within the triple helix [151]. This improves

hydrophilicity of substrates by exciting oxygen groups, such as hydroxyl and carboxyl

groups, maintaining biocompatibility as these groups interact with cell receptors [150].

Davidenko et al irradiated collagen with UV at a wavelength of 254 nm to cross-link

collagen scaffolds. This allowed them to have customizable mechanical properties while

not compromising biocompatibility. They found that exposure to UV at this short wave-
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length increased the elastic modulus of the collagen structure. This is important as when

cells traverse over collagen they bend individual collagen struts, so the higher the elastic

modulus the easier it is for cells to traverse across the structure [148]. However, although

UV increases cross-linking, it also destabilizes collagen molecules. Kontomaris et al found

that UV exposure reduces the height of the D-spacing within collagen alongside reducing

overall fibril diameter. There was also a reduction in Young’s modulus from both the

overlap region and gap region of D-spacing. Kontomaris et al hypothesised that this was

due to scission of the polypeptide chain from UV irradiation [152].

Gamma-ray (γ) radiation is another way to cross-link collagen without the addition

of external chemicals. However, if collagen is exposed to too much γ-radiation, there is a

significant reduction in bioactivity due to multiple structural alterations. Not only is the

collagen more cross-linked, but more scissions occur throughout the structure. Increase in

cross-linking occurs when the sample is hydrated, however, when dehydrated, scissions are

more common [145]. Predominately, γ-radiation causes degradation of collagen, reducing

its mechanical properties and increasing the likelihood of enzymatic digestion. However,

the influence of γ-radiation on collagen is important as it is a common sterilizing technique

for medical devices and treatments [153]. Tyan et al found that the critical γ-radiation

exposure to both moderate collagen bioactivity and amide degradation is 10 KGy [154].

1.5.3 Physical Influence

Collagen fibre orientation and diameter are important for matrix assembly and in turn

cellular attachment and growth [155–159]. Physical techniques can be implemented to

manipulate these characteristics and create a specialised matrix.

Electrospinning is a technique which forms small diameter fibres and deposits them

onto a surface. The technique uses a thin needle, into which a polymer solution is in-

jected, producing thin fibres, and controls deposition via an electric field. An electrically

charged jet is produced when the critical voltage is hit; here, the surface tension is su-

perseded by the charge imbalance. The jet produced is directed through the electric field
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and becomes thinner due to evaporation of the solvent. The result is a highly porous

network of non-woven fibres. Specific fibre alignment can also be achieved by rotating

the underlying surface [14]. Electrospinning is a technique which can alter the distance

between needle and surface, voltages, collagen concentration and electric field strength to

produce tailored, specific collagen scaffolds [160].

Linear, parallel alignment of fibres can be obtained by rotating the deposition surface

during electrospinning. Matthews et al found that a rotation speed of 4500 rpm resulted in

optimal results [160]. Initial collagen concentration directly influences final fibre diameter,

in which a critical collagen concentration of 0.083 gmL−1 allows for large diameter while

still producing fibrils [160, 161]. Bending modulus of individual fibres decreases with an

increase in electrospun collagen fibre diameter. Although electrospinning denatures the

collagen molecule (measured via circular dichroism) [162, 163], bending modulus values of

produced fibres are comparable to native collagen at similar diameters, as found by Yang

et al. They hypothesised that this is due to the alignment of each individual molecules

within the axial direction, caused by the spinning process. As the collagen molecules

align, there is an increase in the potential number of intermolecular interactions resulting

in a bending modulus similar to native collagen [163]. Electrospun collagen scaffolds are

also able to enhance cellular infiltration into the scaffold network, which can be tailored

by altering parameters of the electrospinning process [160, 161].

Collagen molecules are dipolar, and therefore have an electric charge. When there is

no electric field, the dipoles of the collagen molecules are randomly dispersed, however, if

subject to an electric field these dipoles begin to orientate [164].

Applying an electric field to collagen composites can improve collagen alignment and

therefore improve mechanical properties. Ficai et al exposed a collagen/hydroxyapatite

(HA) composite to an electric field over 1 hr, testing the influence of two fields; pul-

satory (0.93 Vcm−1) and superposed (direct field of 0.67 Vcm−1 and pulsatory field of

0.93 Vcm−1). They found that when the collagen/HA composite was exposed to a pul-

satory field, fibril orientation and compactness matched that of compact bone. Pulsatory
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electric field exposure was superior to that of the superposed field. This is because the

direct field also migrates collagen molecules, causing collision of HA particles and colla-

gen molecules during the orientation of the pulsatory phase. They also hypothesised that

pulsatory fields cause a higher level of collagen orientation as it matches the electrical

stimuli caused during osteogenesis [164]. Collagen is a piezoelectric material (induces

charge under mechanical stress [165]) so mechanical stimuli caused by cells during the

collagen deposition and mineralisation induces an electrical surface charge. This electric

field caused by piezoelectricity matches that of a pulsatory field, so therefore aids collagen

orientation [164].

Alahakoon et al also used a pulsed electric field (PEF) to change the thermal stability

of collagen within connective tissues. They found that introducing connective tissues

to a PEF caused a significant reduction in the denaturation temperature. Furthermore,

treatment of a PEF resulted in an increase in connective tissue porosity [166].

PEFs have also been shown to influence the production of collagen and other ECM

proteins from fibroblasts. Multiple healthcare treatments, used for accelerating wound

healing and chronic pain management, take advantage of the influence electric fields have

on biological processes, such as increasing fibroblast cell proliferation [167–172]. Nguyen

et al showed that collagen expression is increased with applied PEFs. Furthermore,

they indicated that intracellular matrix protein concentration doubles with electric field

stimulation. They showcased that the short time voltage pulses were more effective at

increasing intracellular matrix protein concentration. Overall, the introduction of PEFs

caused an increase in the production of intracellular proteins and therefore an increase in

expressed ECM proteins [173].

Electric fields can also be used to regulate the proline expressed in both intra- and

extracellular protein. McLeod et al found that the level of proline within protein produced

by fibroblasts was dependent on sinusoidal electric currents. It was also dependent on the

orientation of the cells within the electric field. By reducing the current, they were able

to reduce the amount of newly synthesized ECM and therefore reduce the amount of
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proline present. It was only cells that were aligned with the electric field that produced

this decrease in proline production [174].

As a magnetic field is produced by a moving electric charge, it follows that collagen

can also be influenced by magnetic fields [175]. A magnetic field can be used to achieve

alignment of collagen fibres over large areas, orientating perpendicular to the magnetic

field. Each collagen molecule has a small negative diamagnetic susceptibility, which allows

them to be influenced by a magnetic field [176, 177]. When collagen molecules self-

assemble into fibres, each small negative diamagnetic susceptibility accumulates to create

one large enough to induce alignment perpendicular to the magnetic field [177].

Several studies have shown that a strong magnetic field of 1 T, applied during gelation,

is able to increase alignment at a normal to the magnetic field [177–180]. Erikson et al

were able to achieve a 0.7 T magnetic field influence over collagen gels by pulling collagen

solution into glass capillaries. They saw an increase in anisotropy factor from 1.02 to

1.76 when collagen was exposed to a magnetic field [181]. Not only can this influence

collagen alignment, but in turn can alter cellular orientation. Kotani et al were able to

alter the orientation of osteoblasts within a magnetic field from parallel with the field to

perpendicular with the addition of collagen fibres [182].

Collagen fibres can also be aligned through the use of topographical surfaces. Glass-

Brudzinski et al used patterned titanium surfaces to orientate both cells and collagen.

These titanium surfaces were patterned with sets of grooves that ranged in both width and

depth. They found that both cells and collagen aligned parallel to grooves, with smooth

titanium surfaces producing only random orientation [183]. Mendonça et al found that a

smooth surface allowed for fibroblasts to maintain their morphology more than a rough

surface. This correlated to an increase in collagen production, with a 10% increase in

collagen from fibroblasts cultured on a rough surface. They did not however investigate

whether this changed any characteristics or alignment of the collagen produced [184].

Multiple studies investigate the influence of the topographical surface on cell adhesion

and culture, yet there are few investigations into how this influences the ECM [185–189].
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1.6 ECM and Tissue Function

The organisation of ECM within tissue determines its biophysical properties. Structure

and composition of the extracellular matrix vary dependent on tissue type resulting in

varied tissue characteristics. By providing specific biochemical and mechanical cues the

extracellular matrix provides each tissue type with its function. Any changes in the

ECM can result in the tissue not functioning properly, leading to disease [190]. More

structural information on the ECM of bone and of the cornea is explained in depth in

Chapter 4 Section 4.1 and Chapter 5 Section 5.1 respectively. Within these chapters the

understanding and manipulation of the collagen network is developed and discussed in

more detail. The specific organisation and composition of ECM for a range of tissues,

and how this relates to tissue function, is outlined below.

1.6.1 Dermal ECM

ECM within the skin is formed of a randomised network of collagen fibres in a basket-

weave-style configuration [191]. Collagen fibres lie perpendicularly to each other inter-

secting at an approximately 90◦ angle to each other [192]. As collagen is the main stress-

bearing component of the skin, the orientation and organisation of its network determines

the skin’s mechanical properties. Thinner collagen bundles are found nearer the surface of

the skin, with bundles becoming thicker deeper into the dermis. Throughout the dermis,

collagen is densely packed, accounting for most of the space within the dermis [193].

1.6.2 Tendon ECM

ECM within tendon is predominately collagen type I [194, 195]. Collagen bundles within

tendon align along the long axis of the tissue, in the direction of loading [195, 196]. This

provides good uniaxial mechanical strength for the tissue. Tendon collagen fibrils can

have diameters ranging from a few nm to 300 nm and grow in length up to a few mil-

limetres [195]. These fibrils then self-assemble to form fascicles and, when interspersed
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with non-collagenous matrix components, finally form the whole tendon [194, 195]. Fas-

cicles and fibrils form a helical structure, with an undulating “crimp” appearance which

allows them to be flexible [194]. Some tendons also store energy via stretching to improve

the efficiency of motion. These energy storing tendons are less stiff with more elasticity

caused by changes in collagen cross-linking and ECM composition [195]. Strain is trans-

ferred through the tendon through loading and extension of the individual collagen units

and via shearing between different stages in collagen hierarchy. Small changes in ECM

composition, therefore, will alter the mechanical properties of the tendon tissue [194, 195].

1.6.3 Skeletal Muscle ECM

There are three subsections of ECM within skeletal muscle. That which resides around the

muscle cell (endomysial), that which resides around a group of muscle cells (perimysial)

and that which resides around the whole muscle (epimysial). Endomysial ECM forms a

highly ordered matrix which deforms non-linearly with increasing length of sarcomere.

The geometry of this network allows for a load-bearing matrix, transmitting any force

applied by shear [197]. Perimysial ECM is less understood, however studies seem to

indicate ECM forming both traverse and longitudinally to muscle fibres [198, 199]. The

traverse ECM has been linked to cell signalling, with the connection points potentially

relating to focal adhesion. Large collagen bundles within the perimysial ECM form coils,

indicative of providing strain relief, a function required in load-bearing tissue. Epimysium

ECM is comprised of larger collagen bundles than perimysial ECM, with a “crimp” pattern

(similar of that to tendon ECM). It has been found that there is a link between age and

increase in epimysium ECM stiffness, shedding light on the biomechanical properties of

muscle tissue and age. Overall, the ECM within skeletal muscle is extremely stiff and

nonlinear to allow for passive load-bearing of the tissue [197].
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1.6.4 Cardiovascular ECM

Cardiovascular tissue is highly reliant on chemical and genetic signals between cells and

the surrounding environment [200]. Integral to the communication of these signals is the

ECM by providing both chemical signal factors and structural support [200, 201]. By

providing chemical and mechanical signals the ECM ensures that cell transformation and

migration occurs in the correct spatiotemporal order. The ECM is also important during

angiogenesis, providing a structural scaffold to stabilize and promote tube formation. In

particular, collagen within the ECM provides mechanical properties needed for each vessel

wall within the tissue [200]. As the heart is a muscle, the ECM is organised similar to that

of skeletal muscle ECM, with perimysium and epimysium components. The organisation

of these components, in particular the perimysium, organises cardiac myocytes (muscle

cells) which in turn determines the mechanical properties of the heart [202].

1.7 Thesis Aims

Studies within the literature indicate how collagen can be influenced across multiple length

scales by both external chemical and physical parameters. The overall aim of this thesis

is to influence collagen type I triple helix, microfibril and fibril formation by introducing

chemistries and physical changes in surface parameters, thereby manipulating collagen as-

sembly and orientation externally. Each external influence relates to a biomedical problem

or bioprocess, and investigates how changes to the local environment influences collagen

formation from the molecular scale to the macro-scale. Chapters within this thesis cover

the following points:

� To investigate how the composition of materials used in metal-on-metal implants

influence collagen fibril formation on the nano- and macro-scale, alongside collagen

bulk mechanics, and in turn how these changes to the collagen structure influence

cellular proliferation and viability.
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� To understand the fundamental interactions between inorganic calcium and phos-

phate ions present at early stage collagen mineralisation, and how these ions interact

individually with collagen formation and assembly, from the molecular scale to the

macro-scale.

� To investigate how alterations in the nanotopography of a surface can organise and

control collagen fibril formation and orientation, and how this in turn influences

cellular orientation in the context of corneal scarring from laceration. Surfaces were

physically altered to have a nanopattern of ridges and grooves of select widths, with

the groove depth being either at 200, 500 or 1000 nm.
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CHAPTER 2

GENERAL THEORY AND METHODOLOGY

2.1 Physical Theory and Methodology

2.1.1 Collagen Hydrogels

Cultrex rat tail collagen type I (AMS Biotechnology Europe Marketplace, UK) supplied at

a concentration of 5 mg mL−1 in 0.6% acetic acid, was initially diluted down to 3 mg mL−1

using phosphate buffer solution (PBS) stock (NaCl: 0.137 M, KCl: 0.003 M, Na2HPO3:

0.008 M, KH2PO4: 0.0015 M). To create this stock, two OxoidTM PBS tablets were

dissolved in 200 mL of distilled water. Collagen was further diluted down to the desired

concentrations using PBS or distilled water and neutralised with 1 M sodium hydroxide

(NaOH, Sigma-Aldrich, UK). Samples were incubated within a humidified incubator until

gelation had occurred.

2.1.2 Atomic Force Microscopy (AFM)

Atomic force microscopy (AFM) does not rely on a charged surface so there is no limitation

to the surface being imaged, nor its local environment. A force-sensing cantilever is

mounted on the scanning device which moves in the xyz plane. At one end of the cantilever

is a tip which is positioned above the sample (Figure 2.1). The tip needs to be close to

the surface of the sample to create a potential energy between the two. Cantilevers can
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be described as a spring, and therefore can be described by Hooke’s Law:

F = −ks (2.1)

the force F required to extend the spring is dependent on the distance, s, that it is

extended. The spring constant, k, determines stiffness of the cantilever and likelihood of

deformation with surface topographical changes.

The imaging signal produced from an AFM is either the force F or a value derived

from this force. AFM can measure force from both long and short-range contributions

due to the components of F . Short-range contributions are measured from chemical forces

within the range of a few nanometres. Long-range contributions are measured from forces

such as van der Waals, magnetic and electrostatic forces, which range up to 100 nm. To

sense tip - sample forces, the force sensor needs to be relatively flexible in one axis, and

rigid in the other two. In most cases the cantilever is flexible in the z-axis. Cantilever

deflection is commonly measured by bouncing a laser off the cantilever and measuring

any deflection. [203, 204]

Figure 2.1: Schematic showing an AFM cantilever with attached tip. Cantilever deflected due
to the forces between the tip and the surface forming an image signal which creates the overall
image.

Within AFM, the laser beam is reflected from the cantilever onto a mirror and then

reflected onto a detector. Any small change in the z-position of the cantilever results
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in a large deflection on the photo-detector. The photo-detector is separated into four

quadrants which are compared to each other to determine the deflection signal. The top

and bottom quadrants determine any changes in vertical deflection. This corresponds to

interaction forces. The left- and right-hand sides of the photo-detector determine any

lateral twisting of the cantilever. A schematic of an AFM is shown in Figure 2.2 [205].

Figure 2.2: Schematic showing the inside of working AFM with laser path.

There are two operating modes for AFM; static and dynamic. Static AFM measure-

ments use the force F as the imaging signal. In this instance, the force is described by

any deflection of the cantilever, and expressed as:

q′ =
F

k
(2.2)

where, q′ is the cantilever deflection. As the cantilever will deflect more than any

sample/tip deformation, the specified range of k is useful for choosing the correct tip for

36



each sample [204]. Static AFM, otherwise known as contact mode, measures the repulsive

forces between the sample and the tip. Any deflection of the cantilever is due to surface

topography as changes in force are caused by surface height variations. Tapping mode,

or dynamic mode, is commonly used when samples are more likely to be susceptible to

tip damage, for example biological samples. The tip oscillates near to resonant frequency

and contacts the surface on each oscillation. This allows the oscillation amplitude, and

therefore the energy associated with each oscillation, to be greater than the energy re-

quired to remove the tip from the sample preventing it from getting stuck. As tapping

mode produces high resolution images for biological samples it was the main technique

used for imaging changes in collagen gels [206].

Collagen gels were prepared as indicated in Section 2.1.1, however samples were com-

pletely dehydrated to avoid any external dragging. Collagen gel was deposited onto a snow

cleaned silicon wafer using an adjustable micropipette. Snow cleaning utilizes compressed

liquid carbon dioxide to clean a surface. Dehydration of the collagen gel resulted in the

formation of a thin collagen layer on the solid substrate. The sample was dehydrated

in an incubator for 24 hrs and washed three times with distilled water. A 10 x 10 µm2

area of each sample was imaged using a NanoWizard®4 NanoScience Atomic Force Mi-

croscope (JPK Instruments, DE) with intermittent contact (tapping) mode. A Point-

Probe®Plus Non-Contact/Tapping Mode - High Resonance Frequency - Reflex Coating

probe (Nanosensors, CH) with a force constant of 42 N m−1 and a frequency of 330 kHz

was used. Fibril density was determined through ImageJ [207] by counting the number

of fibrils visible in a 5000 pixel2 area. For each concentration, images of 3 samples were

acquired and fibrils counted over 36 areas for each image. Density was classed as low

(4-6 fibrils), medium (7-10 fibrils) and high (11-13 fibrils). Fibril diameter and D-spacing

was also measured using ImageJ. N=75, with 25 fibrils, measured at random from AFM

images, over 3 biological repeats. A justification of this number can be found in Section

2.3.1. Images of three repeats were taken and a two-way paired t-test performed on the

data.
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2.1.3 X-Ray Fluorescence (XRF)

XRF is a technique predominately used to determine the chemical composition of mate-

rials. X-rays produced from a source irradiate the sample, causing elements within the

sample to emit fluorescent X-ray radiation. These X-rays have discrete energies and so

can be mapped to a specific element. The intensity of the emitted energies can also de-

termine the quantity of each element within the sample. There is an inverse proportion

between wavelength and energy, given by:

Eλ = hc (2.3)

E = hν (2.4)

where E is the energy in keV, λ is the wavelength in nm, h is Planck’s constant

(6.62607004 x 10−34m2kgs−1), c is the speed of light (2.99792458 x 108 ms−1) and ν is the

frequency in Hz [208].

When X-ray radiation comes into contact with matter, Compton scatter, Rayleigh

scatter and fluorescence is produced. Compton scatter and Rayleigh scatter occur when

the scattered radiation causes an energy loss or no energy loss respectively. Fluorescence

occurs when the X-ray radiation is partially absorbed, producing a fluorescent beam.

All interactions are dependent on the thickness, density and chemical composition of the

materials [208].

By taking the classical model of an atom, with a nucleus comprised of protons and

neutrons surrounded by orbitals of electrons, we can understand how fluorescent radiation

is produced from interacting X-rays. Electron energy is dependent on the orbital that it

occupies. If an X-ray beam has enough energy to overcome the electron’s binding energy

it can expel the electron from its orbital (Figure 2.3). This produces a vacancy in the

orbital, causing the atom to be in an unstable excited state with higher energy. For the

atom to return to a stable state, an electron from an outer shell must occupy the vacancy.

The energy surplus produced by the electron moving into a lower orbital is released from
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the atom as an X-ray. As electron energies are discrete the X-ray energy produced will be

dependent on the atom orbital configuration. Therefore, a collection of X-rays within a

certain range will produce a fingerprint for each element. In this way, XRF can measure

the fluorescence produced and use it to determine the chemical composition of a sample

and the quantity of each element within that sample [208].

Figure 2.3: X-ray produced from an x-ray source expels an electron from an inner orbital. The
vacancy produced is filled by an electron in a higher orbital. Any surplus energy is released as
a fluorescence radiation and detected by a detector in the XRF.

Samples were analysed in high resolution using a tornado M4 XRF (Bruker, UK),

an energy dispersive system, with the ability to detect elements ranging from sodium to

uranium. A scan area of 5.5 x 5.5 mm2 was measured with a spot size of 25 µm under an

x-ray beam of 50 kV and 400 µA under atmospheric conditions.

2.1.4 Rheology

The flow and deformation of a material can be quantified by measuring its rheology. Most

materials have aspects of elasticity and viscosity and are therefore referred to as viscoelas-

tic materials. Elasticity is described by Hooke’s law via classical theory. Hooke’s Law

indicates the direct proportionality between stress and strain due to deformation and in-
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dependent of the rate of strain. Viscosity is described by Newton’s Law via hydrodynamic

theory, where the stress is directly proportional to the rate of strain and independent of

strain itself. Viscoelastic polymers respond elastically when a force is applied rapidly and

respond viscously when the force is applied slowly. The applied force is proportional to

both the deformation and the rate of deformation. As the elastic component is described

by Hooke’s law, there is a full recovery after deformation. As the viscosity is described

by Newton’s law of viscosity, any deformation does not recover [209].

Viscoelastic properties of materials are analysed using both static (creep and stress

relaxation tests) and dynamic measurements. Stress relaxation tests measure the amount

of stress required to maintain the applied strain over a period of time. This is achieved

by deforming a specific volume of the material rapidly [209].

Dynamic mechanical tests measure the response of the material when exposed to cyclic

stresses. A viscoelastic material will have a strain within the range π
2
> δ > 0. Amplitude

attenuation of the cyclic strain and delay of the strain wave are characteristic properties

of each viscoelastic material. By applying a cyclic stress, the complex modulus E∗ can

be resolved into two components: the storage modulus E ′ and the loss modulus E ′′. The

storage modulus is described as the ratio between the strain and the in-phase stress with

respect to strain and relates to the elastic component of the material. The loss modulus is

the ratio between the strain and π
2

out-of-phase stress with respect to strain and represents

the viscous component of the material. The complex modulus E∗ is described using the

equation:

|E∗| =
∆F
S×Lt

∆L
(2.5)

where ∆F is the loading force, S is the area of the specimen deformed, Lt is the length

of the specimen and ∆L is the dynamic displacement.

E ′ and E ′′ and the loss tangent are defined as:

E∗ = E ′ + iE ′′ (2.6)
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E ′ = |E∗|cosδ (2.7)

E ′′ = |E∗|sinδ (2.8)

tanδ =
E ′

E ′′
(2.9)

with these parameters often measured using frequency-dependent dynamic rheological

testing [209].

When determining the viscoelastic properties of hydrogels, a parallel plate in oscilla-

tory mode is used as shown in Figure 2.4.

Figure 2.4: Schematic depicting parallel plate frequency-dependent oscillatory rheology on a
collagen hydrogel.

The torque of the gel is measured at constant angular displacement and oscillating

frequency. In this system, shear strain (γ) and shear stress (τ) are determined as:

γ = Fγω (2.10)

τ = FτT (2.11)

where Fγ is the shear strain factor
(
R
d

)
, Fτ the shear stress factor

(
2

πR3

)
; ω the angular

displacement; T the force produced from torque; R the radius of the plate, usually fixed

and d the shear gap. As gels experience shear, the complex shear modulus (G∗), shear
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storage modulus (G′) and shear loss modulus (G′′) are defined as:

G∗ = G′ + iG′′ (2.12)

|G∗| = τ

γ
(2.13)

G′ = |G∗|cosδ (2.14)

G′′ = |G∗|sinδ (2.15)

where δ is the phase angle between strain and stress. As before, the shear storage

modulus represents the elastic component of the material and the shear loss modulus

represents the viscous component [209]. A schematic of the relationship between stress

and strain between a perfectly elastic, viscoelastic and viscous material can be shown in

Figure 2.5.

Figure 2.5: Schematic representing the interaction of stress and strain when looking at an
elastic material (Hookean), a viscoelastic material and a viscous material (Newtonian).

Collagen gels, at a concentration of 1 mg mL−1 and a volume of 2.4 mL3, were prepared

in petri dishes. Samples were maintained at 37 � for 5 min prior to measurement to

maintain gelation. An AR-G2 rheometer (TA Instruments, DE, USA) was used to obtain
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rheological measurements, using parallel plate geometry with a gap of 1 mm. Wall slip

was minimised through the use of a sandblasted plate and samples remained in the petri

dishes throughout the duration of the experiment. In order to establish the limit of the

linear viscoelastic region, strain sweeps at a frequency of 1 Hz were taken. Frequency

sweeps were performed at a frequency range of 0.01-10 Hz at the lowest strain measured.

2.1.5 Differential Scanning Calorimetry (DSC)

Calorimetry is the study of heat exchange. All chemical reactions involve the exchange

of heat, calorimetry is a technique which measures these processes. Differential scanning

calorimetry not only measures changes in heat, but also heat flow rates and characteristic

temperatures of reactions [210]. The technique works by measuring any changes to the

difference of the heat flow rate with respect to a reference sample while undergoing a con-

trolled linear temperature program [210, 211]. When the sample temperature is altered,

usually due to a chemical reaction, there is a change in the difference of heat flow rate

resulting in a measurement [210]. As each sample had a high water content, any changes

shown from DSC measurements related to energy released from the evaporation of bound

water.

A Mettler Toldeo DSC 1 (Mettler Toledo, CH) was used to analyse samples of 0 ppm

and 200 ppm CoCol gels at a collagen concentration of 1 mg mL−1. Each sample was

weighed into a 46 µL aluminium DSC pan (Mettler Toledo, CH), capped with an alu-

minium DSC lid (Mettler Toledo, CH) and sealed with a press (Mettler Toledo, CH).

This was calibrated with indium and zinc standards. Experiments were conducted under

a nitrogen flow rate of 50 mL min−1 and samples were heated from 25 � to 135 � after

gelation at a rate of 5 � min−1.

2.1.6 Raman Spectroscopy

Raman uses a photon of light to produce a fingerprint of scattered radiation. It utilises

inelastic scattering of monochromatic light (through use of a single wavelength laser)
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either from the visible range, near ultraviolet or near infrared. Raman spectroscopy is

able to study rotational and vibrational modes in a system. As Raman yields a lot of

information, it is usually used for chemical identification, characterisation and effect of

bonding and environment on a sample [212].

Scattered radiation from the irradiated sample produces both Rayleigh scattering and

a small amount of Stokes and Anti-Stokes Raman scattering as depicted in Figure 2.6.

The difference in wavelength of the scattered photon (Raman scattering) provides the

structural and chemical information of the sample. These changes in wavelength are

associated with the vibrational, rotational and electronic level transitions. If there is no

change in wavelength then Rayleigh scattering has occurred [213].

Figure 2.6: Schematic of Rayleigh scattering and Raman scattering. Changes in energy levels
are described as in Equation 2.4.

Samples of 1 mg mL−1 were measured using a 50x lens via an inVia Qontor Confocal

Raman (Renishaw, UK). An extended scan over a spectral range of 100-4500 cm−1 was

taken at 30 random positions throughout each sample. The 785 nm laser was used with

the pinhole in at 10% power to obtain scans with a 30 s acquisition time. Cosmic ray re-

moval was performed on each spectra using WiRE (Windows-based Raman Environment,

Renishaw, UK). Averaging and normalising of the dataset was achieved using Microsoft
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Office 365 Excel (2013). Reduction of the spectral range of 350-2650 cm−1 was undertaken

using Prism 5 (GraphPad Software, 2007) to isolate the fingerprint region and to remove

any background effects.

2.1.7 Principal Component Analysis (PCA)

PCA is a method that takes a large multivariate data set and converts it into a new

set of variables described as principal components. These components show the greatest

differences within the original data set, with the principal component space being that of

large data clusters [214].

Data in PCA is shown as a data matrix X comprised of rows termed “objects” (here

this is the control collagen sample and the CoCol gel sample), and columns termed “vari-

ables” (here the Raman spectra produced from each). This creates two smaller matrices

called T and P’ which encompass the data patterns within X. Dominant patterns within

the objects can be found by plotting the columns on T, with complementary variable

patterns found from plotting the rows of P’ [215].

To observe large differences more clearly, a plot of the first principal components

against wavenumber is required. In this space any differences between clusters is indicated

as a peak with high intensity. In this way, the wavenumber of peaks with high intensity

within the first principal component plot correlates to a large change within the original

data set [214]. A plot of the second principal components against wavenumber corresponds

to the bets fit for the residuals. This continues throughout all the data set. The change

in intensity shown is formed from the eigenvectors of the original data set matrix [216].

Raman spectra were imported and further analysed using Matlab software (R2017a).

Prior to PCA analysis, all spectra were normalised and reduced to a spectral range of

350-2650 cm−1 to remove any background effects. Once PCA was performed, principal

components were chosen based on the highest fraction of variance. This allowed for scores

and loadings values to be plotted with respect to wavelength to aid data interpretation.
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2.1.8 Circular Dichroism

Circular dichroism (CD) uses circularly polarized light to determine the difference between

how a molecule absorbs both the left- and right-hand components of circularly polarized

light [217, 218]. Circularly polarized light consists of two plane-polarized beams of light

that are 90◦ out of phase (shown in Figure 2.7A). The electric vector relating to these

beams rotates about the axis of propagation of the wave, with the left- and right-hand

circularly polarized light propagating in an anti-clockwise or clockwise rotation respec-

tively. When plane-polarized light is passed through a circularly dichroic medium, the

light is converted into elliptically polarized light due to the difference in absorption of the

two circular components (Figure 2.7B) [217, 219]. The semimajor axis of the ellipsis is

due to the sum of the magnitudes of the vectors when the two circular components are in

the same direction. The semiminor axis is that of the vectors in the opposite direction.

CD is characterised by the ratio of both the semimajor and semiminor axes, a tangent

of an angle θ, called the ellipticity. This ellipticity is directly proportional to CD [217].

The CD spectra consists of a series of bands which correspond to the electronic transition

states of the molecule, from a ground state to an excited one. Each band is characteristic

of the molecule being investigated [217].

A Chirascan (Applied Photophysics Ltd, UK) was used to determine circular dichroism

of collagen molecules in the presence of calcium and phosphate. For excess calcium and

phosphate, 0.05 mM of calcium chloride (Sigma-Aldrich, UK), sodium phosphate (sodium

phosphate dibasic heptahydrate and sodium phosphate monobasic monohydrate at a ratio

of 1:0.46) and Ca:PO4 1:1 (calcium chloride and sodium phosphate added together at a

ratio of 1:1) were added to 0.1 mg mL−1 of collagen. A cuvette with a path length of 1

mm, step size of 1 nm and 0.5 s time-per-point were used over a wavelength of 185-400

nm (three repeats taken for each sample). A circular dichroism scan of deionised water

and air was taken as a baseline.
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Figure 2.7: Schematic showing (A) circularly polarised light consisting of two out of phase
light beams. (B) When plane-polarised light is passed through a circularly dichroic medium it
is converted into elliptically polarized light which contributes to a CD signal.

2.1.9 Zeta Potential

Particles are surrounded by a layer of ions, opposite to their net charge, bound strongly to

their surface. This layer is called the Stern layer. This is followed by a secondary diffuse

layer consisting of associated ions which are loosely bound. This diffuse layer is also

opposite in charge to the particle. Collectively these two layers form the electrical double

layer. As the particle moves through the dispersant, due to Brownian motion, there is

a distinction between the ions that are associated with the particle (in the diffuse layer)

and those that remain within the bulk dispersant. This causes an electrostatic potential

boundary. Through calculating the average potential in the surface of sheer between the

diffuse layer and dispersant the zeta potential can be obtained [220, 221]. It is determined

by the surface charge of the particle [221].

An electric field is applied across the sample and laser doppler velocimetry is used to

measure the particle movement. The zeta potential is then calculated using the Henry
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equation [221]:

Ue =
2εξf(κa)

3η
(2.16)

Where Ue is the electrophoretic mobility, ε is the dielectric constant, f(κa) is the

Henry function, κa is a measure of the ratio of the particle radius to the Debye length

and η is the absolute zero-shear viscosity of the medium [221].

A Zetasizer NanoSeries (Malvern, UK) was used to measure zeta potential of collagen

and collagen with excess calcium chloride (CaCl2), sodium phosphate (PO3−
4 ) and calcium

phosphate at a ratio of 1:1 (Ca:PO4 1:1) at a collagen concentration of 0.5 mg mL−1

and buffer concentration of 0.1 mM. The dispersant used was water with a viscosity of

0.8872 cP and refective index of 1.330. Disposable folded capillary cells were initially

flushed with ethanol prior to being washed 4x with pure water. Samples had a collagen

concentration of 0.5 mg mL−1 and an ionic concentration of 0.05 mM. Final pH of each

solution ranged between 3.85 – 3.89.

2.1.10 Fibrillogenesis

Kinetic turbidity measurements of each sample provided collagen fibrillogenesis infor-

mation. Turbidity measurements are separated into two methods: turbidimetry, which

determines the transmission of light, and nephelometry, which determines the scattering

of light within the sample. For fibrillogenesis studies, turbidimetry provides a qualitative

study on how the solids (here collagen molecules/fibrils) within the solution are obstruct-

ing the transmittance of light through water [222]. This process relies heavily on the

Beer-Lambert law, which relates the power of light to the concentration of the species in

the medium and the path length of the beam in the medium [223]. It is expressed by the

relation:

A = −log10
P

P0

= abc (2.17)
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where A is the absorbance, P is the radiant power, a is the absorptivity, b path length

of the beam of light in the absorbing medium and c is the concentration of the absorbing

species [223].

As the path length and the power of the light are kept consistent, the absorption

measured during the turbidity measurements will be in relation to the concentration of

the species within the medium alone. Therefore, this process can be used to determine

fibrillogenesis, as when there is an increase in fibril formation (and hence concentration)

there is an increase in absorbance [224, 225].

A Spark multimode plate reader (Tecan, CH) was heated to 37�hand a wavelength of

380 nm used to determine collagen fibrillogenesis. A collagen concentration of 2 mg mL−1

was made by diluting the stock collagen concentration (5 mg mL−1) with deionised water.

This was placed in -20 � for 15 min and then in 4 � for 10 min. Various ions were added

to deionised water to create a concentration of 0.1 mM. To each buffer the volume of

NaOH (Sigma-Aldrich, UK) at 1 M required to induce collagen gellation was also added

(130 µL NaOH for 5 mL of buffer). Each buffer was then vortexed for 5 s and 67 µL

of each buffer placed into a 96 well-plate. Ionic buffer solution which did not have any

NaOH included, treated in the same way, were also added to the 96 well-plate to allow

for baselining. The 96 well-plate was then placed in -20 � for 5 min and then in 4 �

for 10 min. To this a volume of 133 µL of 2 mg mL−1 collagen, previously chilled, was

added using a multi-channel micro-pipette. Absorbance measurements were taken every

minute for a total of 90 min. Non-cross-linked collagen and ionic buffer was subtracted as

a baseline in Microsoft Office 365 Excel (2013) and data plotted in Prism 5 (GraphPad

Software, 2007). Growth phase measurements were taken from each fibrillogenesis profile,

as shown in Appendix I Figures 7.1, 7.2, 7.3, 7.4 and 7.5.

2.1.11 Scanning Electron Microscopy (SEM)

Scanning electron microscopes use an incident electron beam to image surfaces. The

electrons within the beam interact with the surface of the sample via both elastic and
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inelastic scattering. Elastic scattering is when no energy is lost through interaction. In-

elastic scattering is when energy is lost usually through ionization of the sample. Two

different types of signals are produced when the beam traverses the surface. When the

intensity of the signal is plotted against the probe position an image is formed. The first

type of imaging is secondary electron (SEs) imaging, in which the secondary electrons

released from ionization provide the signal [226]. They are produced from the first few

layers of the sample and are relatively low in energy (0 – 50 eV) so give topographical in-

formation about the sample. The second type is back-scattering electron (BSEs) imaging,

in which electrons that have been scattered multiple times within the sample create the

signal. The amount of scattering is determined by the atomic number of the sample, so

BSE imaging shows contrast between different chemical compositions [226, 227]. To get

chemical information however, energy-dispersive X-ray spectroscopy (EDS) is required in

which X-rays are detected from the decay of ionized atoms [226]. As topography was the

main interest of all samples imaged by the SEM, only SE imaging was used.

A XL30 ESEM FEG (Philips) was used to image collagen deposited onto various

surfaces. Images were acquired under 1.3 x 10−4 mBar vacuum with a 5 kV electron

beam. The electron source is from a point-source cathode of tungsten with a surface layer

of zirconia [228]. Collagen, at a volume of 5 µL, deposited onto a patterned silicon wafer

was sputtercoated with gold at 20 mA for 10 s using an Agar Auto Sputter Coater (Agar

Scientific, UK). Collagen deposited onto polydimethylsiloxane (PDMS) was sputtercoated

with gold at 25 mA for 3 min. Copper tape was also required with PDMS samples due

to the insulating properties of the polymer.

2.1.12 Fabrication of Polydimethylsiloxane (PDMS) Surfaces

Polydimethylsiloxane (PDMS) was created using Sylgard 184 (Merck, UK) at a ratio

of 6:4. Samples were made in petri dishes and placed under vacuum to remove any

air bubbles. Samples were then placed within a 60 � oven until cured. Some PDMS

samples were plasma treated (PDMSPlasma) using a piezobrush® PZ2 handheld plasma
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device (Relyon Plasma, DE). The piezobrush® PZ2 uses corona discharge to ionize the

surrounding air, creating a plasma temperature of < 50 �, with a maximum power

consumption of 30 W. Without using an external gas supply it is able to plasma treat a

surface at a treatment distance of 2 - 10 mm, and treatment width of 5 - 20 mm [229].

PDMS samples were exposed to the treatment for 9 mins in atmospheric conditions. Some

PDMS samples were sputtercoated with gold (PDMSAu) at 40 mA for 30 s. Some PDMS

plasma treated samples were also treated with (3-Aminopropyl)triethoxysilane (APTES)

(Merck, UK). Samples were submerged in APTES at a pH of 3 for 30 mins. The pH

of the APTES was then increased to 9, through the addition of NaOH (Sigma-Aldrich,

UK), and left again for 30 mins. Excess APTES was then removed and the samples were

placed within a 60 � oven for 30 mins. They were then placed within a 100 � furnace for

30 mins. 0.5 mg mL−1 collagen gel at a volume of 10 µL was added using an adjustable

micropipette to each PDMS and PDMS treated surface and left for 10 mins. Excess

collagen gel was removed and samples placed within a 37 � incubator until dehydrated.

Samples were then washed three times with distilled water.

2.1.13 Surface Free Energy (SFE)

The most common way to determine surface free energy (SFE) is through the sessile

drop method [230]. This method uses a sessile drop, whose shape is dependent on the

equilibrium between gravity and surface tension, to determine surface tension [231]. An

image is taken of a liquid droplet on a flat solid surface and the contact angle measured,

as shown in Figure 2.8.
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Figure 2.8: Schematic showing the sessile drop method for determining contact angle between
a liquid and solid surface, where θ is the contact angle.

SFE can then be determined from the contact angle measured as follows. Young’s

equation shows the relationship between a liquid droplet on a flat solid surface [230, 232]:

γs = γsl + γlcosθ (2.18)

where γl is the surface tension of liquid, γs is the surface free energy of the solid, γsl

is the interfacial tension and θ is the contact angle between the liquid interface and the

solid surface. As the last two parameters are unknown, we need to express γsl in terms of

γl. This can be done by expressing γsl as a sum of facial tensions minus work of adhesion

[230]:

Wa = γl(1 + cosθ) (2.19)

Wa is additive so can be separated into different forces of adhesion. It is then as-

sumed that SFE can also be separated into components which represent different surface

interactions. SFE is expressed as [230]:

γ = γd + γp (2.20)

where d is the dispersion component and p is the polar component.

Owens and Wendt separated SFE into its components and expressed Wa as [233]:
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(1 + cosθi)γli = 2(
√
γdliγ

d
s +

√
γpliγ

p
s ) (2.21)

If there are multiple liquids, then there are multiple equations. For further derivation,

Equation 2.21 is assumed to be linear within the square roots. This also allows for a

linear fit of data acquired when measuring greater than two liquids. Through division of

Equation 2.21 by 2(
√
γdli) we get [230]:

(1 + cosθi)γli

2
√
γdli

=
√
γds +

√
γpli
γdli

√
γps (2.22)

This equation is that of y = mx+ c where m is the gradient and c is the y-intercept.

By plotting y and x values for more than one liquid on a solid surface and drawing a line

of best fit m and c can be determined. By using the Equation 2.20, the sum of the square

of both the y intercept and gradient will give the SFE of the solid surface [230].

Pure water (Sigma-Aldrich, UK), diiodomethane (Sigma-Aldrich, UK) and ethylene

glycol (Sigma-Aldrich, UK) were deposited using a micropipette at a volume of 10 µL

onto each surface. Five images were acquired per technical repeat using an Andonstar

A1-AV-200W USB narrow webcam-microscope, with magnifications ranging between 1-

500x (purchased from www.ebay.co.uk). Real-time images were acquired as the webcam-

microscope was connected via USB to a laptop. Three technical repeats were imaged for

each surface. Contact angle of each liquid was measured using ImageJ [207], with both

left and right tangents measured and the value averaged. 5 droplets were measured on

each surface resulting in N=30. A justification of this number can be found in Section

2.3.1. Contact angle average measurements were taken from the contact angle of pure

water only. A one-way ANOVA was performed on the data set to determine any statistical

significance. Microsoft Office 365 Excel (2013) was used to change angle measurements

from degrees into radians. Prism5 (GraphPad Software, 2007) was used to create lines of

best fit, from which the y-intercept and gradient were obtained. SFE measurements were

calculated through the addition of the square of the y-intercept and gradient.
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2.1.14 Patterned IP-DIP Fabrication

Patterned surfaces created via photolithography were made using an IP-DIP photoresist

using a NanoScribe Photonic Professional GT Two-Photon Laser Lithography System

(NanoScribe, DE). Surface parameters (depth 1000 nm, ridge width 850 nm, gap width

550 nm and surface area 100 x 100 µm2) were created using eDrawings software (Dassault

Systèmes, FR, 2019) and saved as an STL file. This file is shown in Figure 2.9.

Figure 2.9: CAD file created in eDrawings showing a ridge width of 850 nm, a gap width of
550 nm (giving a ridge to gap ratio of 1.5) and a depth of 1000 nm

The STL file was converted into a GWL file for printing. A 63x (Oil/DiLL) objective

was used with the dip-in laser lithography configuration as shown in Figure 2.10. 2-

3 drops of the IP-DIP was placed on the centre of the glass substrate. The system was

calibrated prior to printing. Once printing had been completed, the patterned IP-DIP

were placed in propylene glycol monomethyl ether acetate (PGMEA) for 30 mins to

remove any unpolymerized resist from the substrate. It was then immediately transferred

into excess Novec engineering fluid and left for 2 mins to remove any residue left behind by

the resist. An IP-DIP control (5 mm2 surface area) was also created in this way, however

there was no pattern on the photoresist. All IP-DIP surfaces were made by D. Kinahan,

Dublin City University.

Collagen alignment measurements on patterned IP-DIP followed that of Section 2.1.11

and Section 5.2.2, with a gold sputtercoating of 20 mA for 10 s. Alignment of collagen on
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Figure 2.10: Schematic showing the dip-in laser lithography configuration used to created
photolithography patterned surfaces in an IP-DIP photoresist.

non-patterned IP-DIP was measured by depositing 3 biological repeats of 1 mg mL−1 col-

lagen onto 3 separate areas of the non-patterned surface. It was again gold sputtercoated

for 20 mA for 10 s, and imaged and analysed as stated before. Images were automatically

edited for brightness and contrast using ImageJ.

2.2 Biological Methodology

2.2.1 MC3T3 Cell Culture

MC3T3-E1 (passage 23) osteoblast precursor cells were cultured in α-minimum essential

medium (α-MEM) (Sigma-Aldrich, UK) supplemented with 1% penicillin-streptomycin

(Sigma-Aldrich, UK), 4% L-glutamine (Sigma-Aldrich, UK) and 10% fetal bovine serum

(Sigma-Aldrich, UK). Cells were maintained in a humidified incubator at 37 � and 5%

CO2.

2.2.2 TrypanBlue Assay

Collagen type I was gelled within a 12-well plate following the method stated in Sec-

tion 2.1.1. MC3T3 cell suspensions were seeded onto the gels at a concentration of

100,000 cells mL−1. Samples were cultured for 3 days within a humidified incubator.

In order to detach cells from the collagen hydrogel, 0.1% collagenase was added to each

sample followed by incubation for an hour. To count cells, 100 µL of media was added
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to 100 µL of TrypanBlue, to produce a diluting factor of 2, and both live and dead cells

counted using a haemocytometer.

2.2.3 alamarBlue Assay

Collagen type I was gelled within a 12-well plate following the method stated in Sec-

tion 2.1.1. MC3T3 cell suspensions were seeded onto the surface of the gels at a concen-

tration of 200,000 cells mL−1. After culturing for 3 days, culture medium was aspirated

and 300 µL of alamarBlue stock was added to each sample. alamarBlue stock was made

using fresh media and 10% alamarBlue dye (Thermo Fisher Scientific, UK). The samples

were incubated at 37 � for 4 h before 100 µL of the medium was removed and placed

within a 96-well plate. This was read at an absorption of 570 nm using a Synergy HT

plate reader (Biotek, UK).

2.2.4 Confocal Fluorescent Imaging of MC3T3 cells

Collagen type I gels were gelled within a 12-well uncoated 10 mm glass diameter MatTek

dish at a concentration of 1 mg mL−1 following the method stated in Section 2.1.1. MC3T3

cell suspensions were seeded at a density of 200,000 cells mL−1 either onto the gel surface

or the well base. All cells were cultured in α-MEM (culture medium). After culturing

within a humidified incubator at 37 � and 5% CO2, culture medium was aspirated and

samples were washed with 400 µL of PBS. 2.5 µL mL−1 of calcein AM (Thermo Fisher

Scientific, UK) and 5 µL mL−1 propidium iodide (Thermo Fisher Scientific, UK) were

prepared in PBS to use as dye stock. 300 µL of dye stock was added to each well and

incubated for 30 minutes. Images were taken on a FV10-ASW confocal microscope with

a 10x lens with image dimensions of 800 x 800 pixels. Images were processed in ImageJ

[207].
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2.2.5 Extraction and Culture of Primary Human Corneal Fi-

broblasts

Corneal transplantation tissue, surplus to surgical requirement, was used to culture pri-

mary human corneal fibroblasts. Tissue was obtained under the ethics of Ocular Microen-

vironment in Health and Disease (LREC 06/Q2702/44). Experiments were conducted in

accordance with the Declaration of Helsinki. Corneal stromal tissue was isolated by

debridement of the endothelial and epithelial layers using an aseptic technique. The

superficial lamella of the stroma was then debrided further. Stromal tissue from the cor-

neoscleral rim was then removed, dissected into segments, and placed in a 6-well plate

(Corning, USA) within complete media and stored in an incubator at 37 � and 5%

CO2. Fibroblasts from the tissue were cultured until approximately a third of the well

surface was populated (visually determined) prior to their first passage. Cell media was

replaced every 2 – 3 days and comprised of RPMI-1640 medium (Sigma, UK) with 1%

L-glutamine (Sigma-Aldrich, UK), 10% Fetal Bovine Serum (Sigma-Aldrich, UK) and 1 %

penicillin-streptomycin (Sigma-Aldrich, UK).

When fibroblasts reached 90% confluency routine passage was performed. This was

conducted by washing the cells three times with PBS solution, followed by the applica-

tion of 1x Trypsin-EDTA for a maximum of 5 mins. The cell solution and Trypsin-EDTA

were neutralised by adding an equal volume of media. To obtain a cell pellet the solu-

tion was centrifuged at 1500 rpm for 7 mins. Supernatant was aspirated and discarded,

and the cell pellet resuspended in media. As experiments required a specific number

of cells, a haemocytometer was used to count cells within the resuspended fresh media

and distributed accordingly. Cellular extraction and culture was conducted by G. Butt,

University of Birmingham.
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2.2.6 Sample Preparation and Confocal Fluorescent Imaging of

Corneal Fibroblasts on Patterned IP-DIP

Collagen, created using deionised water as a buffer, at a concentration of 1 mg mL−1

was deposited onto the IP-DIP surface and left for 10 mins. Excess was removed with

lint-free paper and left in a dehumidified incubator at 37 � for 24 hrs. The collagen was

then washed three times with deionised water to remove any salt crystals. Samples of

patterned IP-DIP with and without collagen (in triplicates) were sterilised with ethanol

and washed in Dulbecco’s Phosphate Buffered Saline (DPBS, Sigma, UK). Samples were

placed into a 6-well plate (Corning, USA) and structures were encapsulated within a 70 µL

culture-insert well (ibidi GmbH, DE) into which 3,750 cells were seeded onto the surfaces.

Total volume of cells and media was 50 µL. The cellular samples were incubated for 48

hrs within a humidified incubator at 37 � and 5% CO2. Cells were then fixed with Triton

X-100 (Sigma, UK) and washed three times with DPBS for 10 mins. Cells were stained

with Phalloidin-594 at a concentration of 25 µL mL−1 (Cambridge Bioscience, UK) and

DAPI at a concentration of 3.33 µL mL−1 (Sigma, UK) and left at room temperature for

30 mins. Confocal images were taken on a FV10-ASW confocal microscope with a 40x

lens with image dimensions of 800 x 800 pixels. Images were processed in ImageJ [207].

Cellular experiments were conducted by G. Butt, University of Birmingham.

2.3 General Statistics

2.3.1 Determining Sample Size

Power calculations were conducted to determine the sample size required for a 95% con-

fidence interval. The sample size was calculated by using the equation below:

n =
2(Zα + Z1−β)2(σ)2

∆2
(2.23)

where n is the required sample size, Zα is a constant according to the accepted error,

58



Z1−β is a constant set by the power of the study, σ is the standard deviation and ∆ is the

difference in means [234].

Using the above equation, a minimum sample size of 63.037 is required for fibril char-

acteristic measurements, such as fibril diameter, fibril D-spacing and fibril alignment.

Therefore, a total of 75 measurements, calculated from 25 fibrils over 3 biological repeats,

were sufficient for calculating significant differences between sample sets.

Contact angle measurements of N=30, and biological repeats of N=3 were more than

sufficient for calculating significant differences between sample sets. All data was found

to be normally distributed, as determined via Minitab® statistical software (2019).

2.3.2 T-Test

A t-test is a statistic used to test the differences between the means of two independent,

normally distributed groups. The null hypothesis of a t-test assumes that there is no

difference between the means of two groups, with an alternative hypothesis assuming

that one mean is greater than the other. By using the difference of two means and their

variance, a t-test statistic can be generated [235, 236].

T-test assumptions require that the variance of both groups are equal, the data is

normally distributed, and the data used is randomly selected. These assumptions must

be upheld in order for a t-test to provide a meaningful statistic [235, 236]. As all data was

normally distributed, this test was used to determine the significant difference between a

sample mean and the control mean.

2.3.3 One-Way ANOVA

A one-way ANOVA is a statistic used to test the differences between the means of two

or more independently, normally distributed groups. The null hypothesis of a one-way

ANOVA assumes that the means across all the groups are equal. The alternative hypoth-

esis assumes that there is a difference in mean values.

The one-way ANOVA statistic follows a set of assumptions. These are that the data is
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normally distributed, the variance across all the groups are equal, and that the errors are

independent of one another. These assumptions must be upheld to ensure that a one-way

ANOVA provides a meaningful statistic [237, 238]. As all data was normally distributed,

this test was used to determine the significant difference across a range of sample means.

60



CHAPTER 3

INFLUENCE OF COBALT IONS ON COLLAGEN
MATRIX FORMATION

Data in this chapter was also presented in the published paper Influence of Cobalt Ions

on Collagen Gel Formation and Their Interaction with Osteoblasts ii

Metal on metal implants, utilizing materials such as cobalt - chromium -
molybdenum alloy, have long been used as arthroplasties due to their ro-
bustness and low dislocation rate. Debris and corrosion from these implants,
however, has been found to cause inflammatory responses leading to unex-
pectedly high failure rates. Safety assessments of these materials traditionally
relies on the use of simple two-dimensional assays, where cells are grown on
the surface of the material over a relatively short period of time. It is now well
known that the composition and stiffness of the extracellular matrix (ECM)
has a critical effect on cell function. In this chapter the way in which cobalt
ions influence the assembly of type I collagen, a key constituent of the ECM,
has been evaluated. It was found that cobalt had a significant effect on the
collagen matrix formation, resulting in local variations in collagen characteris-
tics. An increase in heterogeneity caused a decrease in the bulk stiffness of the
material. Moreover, when the collagen matrices contained cobalt ions, there
was a significant change in cell interaction with the collagen matrix. Fluores-
cence images and biological assays showed a decrease in cell proliferation and
viability with an increase in cobalt concentration. This chapter presents evi-
dence that the cobalt ion complex interacts with the hydroxyl group present
in the carboxylic terminal of the collagen fibril, preventing crucial stabilising
bonds within collagen formation. This demonstrates that currently accepted
toxicity assays are poor predictors of the longer-term biological performance
of a material.

ii10.1021/acsomega.8b01048
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3.1 Introduction

Cobalt-chromium-molybdenum (CoCrMo) alloys have a high level of robustness and low

risk of dislocation, which is why the material is commonly used for metal-on-metal (MOM)

arthroplasties and implant resurfacing [239–241]. CoCrMo implants have a Young’s Mod-

ulus of 230 GPa, higher than that of titanium (105 GPa) [242], resulting in its wide use

as a cement type femoral stem material for implants [243]. CoCrMo implants also have

comparible tensile strength (430 - 1028 MPa) and yeild strength (200 - 823 MPa) to that

of titanium (1000 MPa and 910 MPa respectively) [242].

Although MOM implants have lower wear rates than metal-on-polyethylene implants,

there is a 500-fold increase in small particle generation [244–246]. These small metallic

particles cause inflammatory responses which can lead to unexpected implant loosening

and bone resorption [247–250]. In addition to this, tribocorrosion of the implant intro-

duces cobalt ions into the surrounding tissue as shown in Figure 3.1 [251, 252].

Figure 3.1: Mechanical abrasion of the protective oxide layer of a MOM implant introduces the
underlying metal to the surrounding tissue fluid. This causes cobalt and chromium ions to be
released into the surrounding tissue causing inflammation which may lead to unexpected implant
failure. Co2+ refers to cobalt ions produced and Cr3+ refers to the chromium ions produced
from electrochemical corrosion.
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Tribocorrosion is a corrosion which occurs at the surfaces of articulating components

of MOM implants. It is a consequence of both mechanical and electrochemical processes

[252]. MOM implant surfaces are protected from electrochemical corrosion due to the

presence of a passive surface oxide layer. CoCrMo alloys have a protective oxide layer that

is 1 - 4 nm thick, formed by oxidation of both chromium and cobalt at the interface. Load

bearing arthroplasties undergo repetitive mechanical movement which can disrupt the thin

oxide layer through abrasion. This results in exposure of the underlying metal, leading

to dissolution (an anodic reaction) and the formation of metal cations. The exposure of

unoxidised metal causes a passive reaction producing an electron flow from the corrosion

site to the metal surface (here acting as a cathode). Hydrolysis of any released metallic

ions causes a local acidification which results in a migratory contribution to the mass

transport of the ions away from the original source [253, 254]. In the case of CoCrMo

alloys the free ions correlate to cobalt and chromium. These ions will remain in solution

or precipitate within the surrounding extracellular tissue space alongside any wear debris.

As cobalt is more soluble than chromium it is more likely to stay in ionic form and interact

with both the surrounding tissue fluid and the extracellular matrix [252].

Most investigations regarding the effect of cobalt ions on surrounding tissue have

predominately focused on two-dimensional cell cultures, with emphasis on direct inter-

action between macrophages and cobalt debris [255–257]. For example, cobalt ions have

been found to interact with both nuclear proteins and DNA, causing cellular death [258].

Cobalt has an ionic radius of 0.74 �A [259], and consequently is able to cross the cytoplasmic

membrane, accumulating in the cell nucleus and surrounding structures [258, 260, 261].

Studies have also shown that the addition of cobalt ions into cell media causes a decrease

in proliferation of osteoblasts and a decrease in differentiation of mesenchymal stem cells

to osteoblasts [262–265]. Although the direct influence between cobalt ions and various

cell lines is well established, there has not been an investigation into how these ions influ-

ence the ECM or any ECM interactions. As the ECM drives cell interactions, any small

changes in the three-dimensional ECM from cobalt ions will change the cellular response,
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therefore two-dimensional investigations are not sufficient to understand the full process

[266].

As stated in Section 1.1.1, the ECM is comprised mostly of collagen type I, a hierar-

chical protein which provides not only structural support to cells and surrounding tissue,

but also influences the differentiation of surrounding cells [5, 7, 266–269]. As cobalt ions

have a low ionic radius, they can interact with collagen fibres at much earlier stages of

formation. This can hinder the formation process of collagen and potentially alter both

the chemical and mechanical properties of the matrix. These changes will drastically

affect cellular attachment and thereby tissue function.

This chapter investigates the influence of cobalt (II) ions on collagen matrix formation

and cell interactions. This highlights the importance of how low ionic concentrations can

have crucial implications on collagen matrix formation. A maximum cobalt concentration

of 200 ppm was used as it is the highest recorded cobalt concentration found at an injury

site [270]. Osteoblast cells were used to understand the cellular effects of any matrix

formation changes without the influence of an inflammatory environment.

3.2 Methodology

3.2.1 Cobalt Doped Collagen Hydrogels (CoCol gels)

Cultrex rat tail collagen at a concentration of 3 mg mL−1 was diluted down to the desired

concentrations using either Dulbecco’s Modified Eagles Medium (DMEM) (Sigma-Aldrich,

UK) or cobalt infused DMEM as buffer. Cobalt infused DMEM was made using a cobalt

(II) chloride (Sigma-Aldrich, UK) stock. This stock was made to a concentration of

72.67 mg mL−1 using distilled water. Samples were made to a cobalt concentration

of 0, 67, 133 or 200 ppm and neutralised with 1 M NaOH (Sigma-Aldrich, UK) at a

concentration of 8 µL mL−1 per sample. Samples were incubated for 3 hours to ensure

gelation had occurred. These four concentrations were used throughout all cobalt doped

collagen gel analysis.
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3.2.2 X-Ray Fluorescence (XRF)

A 4.9 mL sample of 200 ppm CoCol gel was analysed via XRF. Scan areas were imaged for

three cycles to improve the resolution. Analysis of the completed scan involved segmenting

ten object regions with both high and low intensity profiles over the entirety of the image

(five sections per intensity). Each object produced a spectrum which gave the intensity of

cobalt present within that area. This intensity correlated to relative cobalt concentration.

Differences between the height of the intensity peaks between high and low concentration

regions were measured and averaged, giving an indication of relative concentration increase

of cobalt ions throughout the bulk of the hydrogel. All other parameters followed that

stated in Section 2.1.3.

3.2.3 Rheological Analysis

Samples of CoCol gels were measured under oscillatory rheology. The lowest value from

strain sweeps was found to be 0.01, obtained from samples doped with 200 ppm of cobalt.

Frequency sweeps were therefore performed at a strain of 0.01. All other parameters

followed that stated in Section 2.1.4.

3.2.4 Molecular Mechanics

Data obtained from CoCol gels at 0 ppm and 200 ppm cobalt concentrations were used to

determine molecular mechanics. Samples weighing 46 µg were analysed using differential

scanning calorimetry (DSC) to determine energy loss changes. Two 1 mL CoCol samples

(0 ppm and 200 ppm) were measured via Raman using a 60x water immersion lens to

analyse the atomic bonds present. Principle component analysis was performed on this

data set, which comprised of 60 spectra in total, 30 from each sample concentration to

further analyse the Raman data. All samples were prepared using PBS buffer instead of

DMEM to prevent any additional background signals. All other parameters followed that

stated in Sections 2.1.5, 2.1.6, and 2.1.7.
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3.2.5 Confocal Fluorescent Imaging

MC3T3 cells were seeded at a density of 200,000 cells mL−1 onto the CoCol gel surface

and cultured. Those seeded onto the base of the wells were cultured in culture medium

doped with 67 ppm, 133 ppm and 200 ppm cobalt. Culturing methods and fluorescent

staining information can be found in Section 2.2.4

3.3 Results

3.3.1 Cobalt Influence on Local Collagen Structure

Atomic force microscopy (AFM) was used to image and analyse the microsctructure of

collagen when introduced to increasing concentrations of cobalt. The changes to matrix

formation can be visualised in Figure 3.2A. These images indicate that there is an increase

in heterogeneity of the matrix with the increasing addition of cobalt ions. Visually, adding

a cobalt concentration of 200 ppm causes regions of agglomerated, dense collagen fibrils

to emerge in comparison to 0 ppm; with 67 and 133 ppm causing less of a visual change.

The agglomeration was quantified by measuring the fibril density per 2.1 µm2, an area

comprised from a grid covering each technical repeat, as shown in Figure 3.2B. When

cobalt ions are added to the collagen matrix, there is a significant increase in collagen

fibril density eluding to an increase in heterogeneity. There is also a decrease in low fibril

number in comparison to 0 ppm further emphasising this change, indicative that cobalt

ions alter the localised matrix structure. There was a significant increase in the length of

the D-spacing of collagen fibrils with the addition of cobalt ions at 133 ppm and above, as

shown by Figure 3.2C. As the length of the D-spacing on a fibril is determined by the end

spacing between the fibril’s molecules (see Figure 1.2), this increase indicates that cobalt

is interacting at an early stage of collagen fibril formation. Therefore, this implies that

the cobalt is interacting with the collagen in a position which interrupts parallel staggered

alignment at higher concentrations. A concentration of 67 ppm is not sufficient to have
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an effect on D-spacing showing that a certain concentration must be upheld to cause

significant fibril formation changes. In comparison, any addition of cobalt ions causes a

significant decrease in collagen fibril diameter, as shown in Figure 3.2D. This indicates that

cobalt-collagen interaction is preventing crucial interactions between collagen molecules,

reducing fibril thickness.

Figure 3.2: (A) AFM height images of CoCol gels at concentrations 0, 67, 133 and 200 ppm
over a 10 x 10 µm2 area. (B) Fibril density calculated through measuring the number of fibrils
per 2.1 µm2. Fibrils were separated into three categories, low (4-6 fibrils), medium (7-10 fibrils)
and high (11-13 fibrils) with fibril number tallied to obtain area frequency. Length of D-spacing
(C) and fibril diameter (D) of collagen at each cobalt concentration, measured from 30 randomly
selected fibrils over three AFM repeats. NS refers to a non-significant result * refers to a P-value
≤ 0.05, ** refers to a P-value ≤ 0.01 and *** refers to a P-value ≤ 0.001. N = 75 across 3
biological samples, error bars refer to ± standard deviation. Scale bar is 2 µm in length.

.
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3.3.2 Bulk Collagen Matrix Effects from Cobalt Ions

When adding cobalt ions to a collagen matrix there is a visible reduction in the struc-

tural integrity of the hydrogel as shown in Figure 3.3. CoCol gels with increasing cobalt

concentration have a bulk reduction in gel stability and produce an excess of water when

physically disturbed. In addition to this, less force is required to break the CoCol gel

with an increase in cobalt causing the gel to break into increasingly smaller pieces when

the gel is handled or manipulated. This further indicates that cobalt ions perturbed the

overall structure of matrix formation.

Figure 3.3: Visual depiction of the reduction in structural integrity when increasing the con-
centration of cobalt ions in a collagen hydrogel. Scale bar is 10 mm.

To investigate the cause of the high and low collagen fibril density regions found in

the microstructre, the dispersion of cobalt ions throughout the bulk of the matrix was

measured. XRF revealed that there were regions of localised high concentrations of cobalt

ions, instead of a homogeneous dispersion throughout the hydrogel, as depicted in Fig-

ure 3.4A. Confirmation of cobalt intensity is shown in Figure 3.4B with the highlighted

peak indicating cobalt. High and low relative intensities were measured by drawing re-

gions of interest and analysing the spectra produced, an example is given by Figure 3.4C.

By averaging the difference between cobalt peak intensities at relative high and low cobalt

concentrations, there was found to be a three-fold increase in concentration at high in-

tensity areas, as shown in Figure 3.4D;E. High intensity areas had an average count of 10

whereas low intensity areas had an average count of 3. This suggests that the increase

in heterogeneity of collagen fibrils may be due to the uneven distribution of cobalt ions

throughout the bulk of the matrix.
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Figure 3.4: XRF fluorescent measurements depicting the dispersion of cobalt throughout the
bulk of a 200 ppm CoCol gel. (A) Scan depicting relative cobalt dispersion throughout the entire
area, (B) spectrum indicating cobalt is being measured (highlighted peak). (C) A scan depicting
an example of two objects showing relative high and low cobalt intensity. (D) An example of
spectra of both object 1 and object 2 used within average concentration increase measurements.
Here object 1 and 2 are the spectra of object 1 and 2 in part (C). (E) Average counts from five
areas with high cobalt concentration and five areas with low cobalt concentration, * indicates a
P value ≤ 0.05. N = 5, error bars refer to ± standard deviation. Scale bar is 3 mm in length.

Oscillatory rheology measurements determined the effect of cobalt ions on the bulk

mechanical properties of the collagen matrix. Overall there was a significant reduction

in both the storage (G’) and loss (G”) moduli (Figure 3.5A,B) with the addition of even

low concentrations of cobalt. This indicates that cobalt ions reduce the stiffness of the

hydrogel. The cause of this reduction may be due to the areas of low collagen fibril density,
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caused by cobalt-collagen interactions, as they are structurally weaker regions. The change

in weight of cobalt-collagen hydrogels over 5 hrs was measured to further investigate the

bulk effects of adding cobalt to collagen. There was found to be a correlation between a

decrease in weight and an increase in cobalt concentration. This indicates that there is a

higher level of water loss with the introduction of cobalt (Figure 3.5C). This shows that

cobalt ions are influencing the structure of the matrix causing a reduction in the amount

of water bound to the matrix.

Figure 3.5: (A) G’ and (B) G” from a frequency sweep of CoCol gels at increasing cobalt
concentration ranging from 0.01 - 10 Hz. Sweep was taken with a strain of 0.01 determined from
a strain sweep of 200 ppm CoCol gel sample. (C) Percentage weight decrease over five hours of
collagen hydrogels doped with varying concentrations of cobalt. N = 3, error bars refer to ±
standard deviation.

70



3.3.3 Cellular Response due to CoCol Gel Structure

As the underlying structure of a collagen matrix determines the growth and proliferation

of cells, various biological experiments were undertaken to determine how the changes in

formation, induced by cobalt, effect cellular growth. Cells maintained a relatively high

viability when seeded onto CoCol gels up to a cobalt concentration of 133 ppm, as shown

by confocal fluorescent images in Figure 3.6A. There is also a slight change in morphology

with the presence of cobalt. In comparison, cells exposed to cobalt infused culture medium

only maintained high viability up to a concentration of 67 ppm, shown in Figure 3.6B.

This confirms that the underlying structure is determining cellular growth, due to a lack

of direct cobalt-cell interaction. Therefore, all cellular responses shown in Figure 3.6A are

due to the underlying matrix structure and not direct cell - cobalt interaction caused via

leeching.

Quantification of the viability of cells, through a TrypanBlue assay (Figure 3.6C), also

confirmed that there was a correlation between cell death and cobalt concentration with

a significant decrease in the number of live cells with 133 ppm cobalt concentration. An

alamarBlue assay indicated that there was a significant decrease in cell metabolism with

the addition of cobalt ions even at low concentrations, as indicated by Figure 3.6D. This

implies that cobalt decreases cell proliferation as proliferation correlates to metabolism.

There was a larger decrease in metabolism when cells were cultured in cobalt infused

media, which further confirms that any cell response from cells cultured onto collagen

gels is not due to cobalt ion - cell interaction directly. Overall the underlying CoCol

matrix structure is directly influencing how the cells attach and therefore proliferate,

causing a reduction in viability that correlates with cobalt concentration.

hello

hello
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Figure 3.6: Confocal fluorescent images of MC3T3s stained with calcein AM and propidium
iodide seeded onto both the surface of CoCol gels (A) and grown within cobalt infused media
(B). Green cells indicate live cells, red indicate dead cells. (C) TrypanBlue assay quantifying
both live and dead cells seeded onto CoCol gels. (D) alamarBlue assay of MC3T3 cells cultured
on CoCol gels and in cobalt infused media. *** referes to a P value ≤ 0.001. N = 3, error bars
refer to ± standard deviation. Scale bar is 200 µm.
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3.3.4 Cobalt-Collagen Molecular Mechanics

To experimentally determine the interaction site of cobalt ions to collagen, DSC and

Raman spectroscopy measurements of both 0 ppm and 200 ppm CoCol samples were

undertaken. Differential scanning calorimetry (DSC) results show that excess water within

the bulk of the collagen matrix is not bound as strongly with the presence of cobalt. All

water bound within the 200 ppm sample was removed at a temperature of 120.3 �, 5 �

lower than that of 0 ppm. In addition, the energy required to remove the bulk water

within the 200 ppm sample is 14% lower than that of the 0 ppm sample, as shown in

Figure 3.7A. This highly suggests that the cobalt is preventing any interaction with an

important collagen hydration binding site, stopping water molecules from being tightly

bound to the collagen fibrils.

Characteristic protein peaks were shown on the Raman spectra, such as the secondary

amide peak at 1205-1207 cm−1 and the C=O peak at 1606-1607 cm−1 [271], as shown in

Figure 3.7B. However, any differences between the two samples were subtle. To further

analyse the spectra, PCA was performed on the dataset after cosmic ray removal. Most

of the data was described by the first two principal components. The scores plot for all

spectra is shown in Figure 3.7C, within which two clusters separating the 0 ppm sample

and 200 ppm sample can be seen. The wavenumber of relative differences between each

sample was obtained by plotting the loadings vectors with respect to wavenumber. The

plot of the first loading indicates the largest variance within the dataset, indicated by a

large intensity peak, shown in Figure 3.7D. From this plot, the largest variation between

the samples occurred at 869 cm−1 and 1000 cm−1. These wavenumbers correspond to a

C-O bond within the secondary alcohol [271], with the atomic vibration being suppressed

within the 200 ppm sample.
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Figure 3.7: (A) DSC measurements between a 0 ppm and 200 ppm sample indicating a reduction
in energy required to remove bulk water. (B) Raman spectroscopy using an immersion lens of
both 0 ppm and 200 ppm CoCol gels, (C) scores plot of the first two principal components
determined via PCA, (D) loadings plot of the first principal component indicating the largest
change in variance at 869 cm−1 and 1000 cm−1. For DSC N = 3, for Raman and PCA N = 30.
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3.4 Discussion

Collagen structure and its interaction with cells is highly influenced by the presence of

cobalt ions. Nanoscale changes, indicated through AFM imaging, highlight how the pres-

ence of cobalt ions increase the heterogeneity of the collagen matrix, especially when

comparing images of collagen hydrogels with 0 ppm and 200 ppm cobalt concentration. A

density histogram indicated the increase in number of fibrils per unit area with cobalt ad-

dition. These areas seem to suggest that cobalt ions cause agglomeration of fibrils within

the collagen matrix. This contributes to the increase in heterogeneity. Measurements of

D-spacing indicate that there is an increase in spacing between collagen molecules with

increasing cobalt concentration. This increase in D-spacing, as measured from AFM im-

ages, suggests that the cobalt ions interact at an early stage of the hierarchical formation

process, affecting the parallel quasi-staggered arrangement of tropocollagen. However,

67 ppm was not a high enough concentration to produce a significant difference in D-

spacing with respect to control, showing that there is a lower threshold on the concentra-

tion required to cause changes in D-spacing length. This may indicate why unexpected

failures of this nature occur in patients years after the initial MOM implant, as cobalt

concentrations need to accumulate above a threshold concentration. These changes within

the fibril formation appear to disrupt crucial interaction points between collagen molecules

from aligning. This in turn causes the fibril diameter to decrease with increasing cobalt

concentration. Comparatively, 67 ppm is a high enough concentration to affect fibril di-

ameter implying that cobalt interacts not only at fibril formation but at other points in

the hierarchical formation.

Visual changes of the collagen hydrogel with increasing cobalt concentration indicate

that cobalt ions are not only effecting the localised structure but also bulk structure. There

was a visual reduction in structural integrity of the CoCol gels, with increasingly less force

required to break the gel with increasing cobalt concentration. There was also an increase

in excess water produced with increasing cobalt concentration, reducing the gel’s ability

to store water. To determine whether the change in both bulk and local collagen structure
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was due to bulk cobalt distribution, XRF analysis of a 200 ppm sample was conducted.

Results indicated that there was a three-fold increase in relative cobalt concentration at

high intensity sites over the entire XRF scan area. It can be assumed that these areas cause

the increase in collagen fibril agglomeration at higher cobalt concentrations. Oscillatory

rheology measurements show a decrease in the storage and loss moduli, even with low

concentrations of cobalt, indicating a reduction in bulk stiffness. Regions of high- and

low-density collagen cause the overall bulk structure to be less stiff as low density areas

of collagen may act as weak points within the structure due to a reduction of collagen

fibrils available for fibril - fibril interactions. The increase in cobalt - collagen interactions

prevent interactions forming between collagen fibrils themselves, due to either blocking

the binding site or by altering the physical structure so that binding sites are no longer

accessible. This, therefore reduces the overall stiffness.

A decrease in cell viability, caused by changes in collagen matrix assembly due to

the presence of cobalt ions, was shown via fluorescent imaging. Live/dead staining on

cells cultured on the surface of CoCol gels indicated that complete cellular death did

not occur until cobalt ion concentration reached that of 200 ppm, however, due to the

heterogeneous distribution of collagen fibrils caused by the presence of cobalt ions, cell

viability varied between 67 ppm and 133 ppm. The addition of cobalt concentration

beyond 133 ppm also caused a change in cell morphology with an increase in elongation of

the cytoskeleton. This may be due to the increased area of low-density collagen resulting in

greater cell-fibril distances, causing an increase in cell stress and consequently elongation.

The reduction in stiffness of the matrix may indicate why cellular death significantly

increased at 200 ppm cobalt as the matrix no longer provides sufficient structural support.

In addition to this, the significant reduction in fibril diameter may result in the obstruction

of cell - collagen binding sites within the new fibril structure preventing cellular growth.

The TrypanBlue assay quantified the viability of cells seeded onto CoCol gels in the

presence of culture media, again confirming there is a decrease in viability with increasing

cobalt concentration. The alamarBlue assay determined that there was a decrease in
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cell metabolism with the increase in cobalt concentration. When cells are alive they

are able to reduce resazurin, a reagent of the alamarBlue assay that is blue in colour, to

resorufin, a compound that is both red in colour and highly fluorescent. If the cells are not

metabolising the resazurin at the expected rate and therefore not proliferating normally,

there will be a decrease in overall fluorescence and change of colour. As both metabolism

and proliferation have closely linked cellular pathways, any reduction in metabolism can

be correlated to a reduction in proliferation [272]. Both assays further suggest that the

manipulation of the collagen fibrils by cobalt ions prevents cells from behaving normally.

The decrease in cell proliferation and viability with increased concentration of cobalt ions

may imply that the poorly formed collagen fibrils cannot facilitate signalling between cells.

It may also suggest that the local structural environment is not sufficient for supporting

cellular growth.

Molecular binding mechanics need to be understood to determine the complete effect

of cobalt ions on a collagen matrix. When solid cobalt (II) chloride is dissolved in water,

the predominant cation is [Co(H2O)6]2+, as shown via X-ray diffraction analysis [273]. As

[Co(H2O)6]2+ is a positive complex, it will interact with the negatively charged species on

collagen chains. Negatively charged collagen chains also interact with water molecules and

form a strongly bound, dense hydration monolayer [67, 274]. Four water molecules bind

with the carboxyl and hydroxyl groups of both the glycine and hydroxyproline residues

in collagen to create the monolayer, as shown in Figure 3.8A. This is discussed more in

depth in Chapter 1 Section 1.3. Initial hydration of the collagen molecule (surface water

layer) is formed when water binds to the polar amino acid residues of collagen. Once

all polar sites are filled, water binds to non-polar regions of the collagen, completing the

hydration monolayer, Figure 3.8B.

It is assumed that hydrogen bonding of water bridges between residues in neighbouring

collagen molecules contributes to matrix assembly rather than direct collagen interactions.

Intrachain water bridges are typically 2 - 3 molecules long and are dependent on the local

environment. There are three ways in which water bridges can form between collagen
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Figure 3.8: Schematic diagram depicting the cross-section of the binding sites of water with a
collagen fibril. (A) Four water molecules per three collagen residues. (B) Polar and non-polar
bound water layers surrounding the collagen fibril. Image is not to scale.

molecules; between two carbonyl groups C=O watern C=O, between two hy-

droxyl groups C-O watern C-O, or between a hydroxyl group and a carbonyl

group C-O watern C=O.

When [Co(H2O)6]2+ is incorporated into the collagen matrix, it will either interact

with the surface hydration layer of the collagen fibril, or with the fibril itself, as depicted

in Figure 3.9A,B. There are four potential underlying mechanisms responsible for cobalt

collagen interaction. If the cobalt ions interact with the collagen molecule directly, it

will occur either with carbonyl groups present in both glycine and hydroxyproline (Fig-

ure 3.9C), the hydroxyl group present in hydroxyproline alone (Figure 3.9D) or with the

carboxylic terminal at the end of the collagen molecule (Figure 3.9E). However, if the

cobalt interacts with the hydration layer, it may be incorporated into the water bridge

(Figure 3.9F) replacing one of the water molecules in the three molecule long chain.

In order to determine the binding site of collagen and cobalt, DSC and Raman mea-

surements were taken. DSC measurements showed a 14% decrease in energy required to

remove bound water from a 200 ppm CoCol gel. This suggests cobalt interactions prevent

water binding either due to a blocking water binding sites or by altering the assembly

of the collagen molecules, hindering the access of water binding sites. There was also

a reduction in the temperature required to remove all excess water from the 200 ppm
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Figure 3.9: Schematic diagram depicting the potential binding sites of collagen with cobalt
(not to scale). (A) Binding of cobalt to the collagen fibril directly. (B) Binding of cobalt to
the first hydration layer. (C) Cobalt binding to the collagen fibril via a carboxylic bond. (D)
Cobalt binding to the collagen fibril via a hydroxyl bond. (E) Cobalt binding to collagen at the
carboxylic terminal. (F) Cobalt forming a water bridge between two collagen molecules.
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collagen sample. This shows that the bulk water is less tightly bound within the colla-

gen matrix. Due to the changes observed via AFM regarding local collagen formation,

it is likely that the binding sites on the surface of the fibrils essential for hydration are

no longer accessible. Raman spectroscopy showed a suppression of a secondary alcohol

vibration due to a reduction in the C-O peak between samples containing 0 ppm and

200 ppm of cobalt. This suggests that the cobalt ions interact specifically with a hydroxyl

group [275, 276]. Suppression of a peak seems to indicate that the oxygen within the

bond can no longer vibrate as before, suggesting that there is another molecule inter-

acting in conjunction with the carbon causing an overall reduction in the vibration peak

produced. A carbonyl group is present in both hydroxyproline and the carboxylic acid

terminal of collagen, however, previous studies into complex interaction with collagens

show preferential binding to terminal sites of the molecule [277]. The significant increase

in D-spacing with increasing cobalt concentration further suggests an interaction with the

carboxylic acid terminal of the collagen molecule. An increase in D-spacing would be due

to an increase in spacing between collagen molecules, indicating an interaction with the

collagen terminal. Therefore, the proposed binding site of cobalt ions to collagen fibrils

is that of the carbonyl group within the carboxylic acid terminal of the collagen fibril.

3.5 Conclusion

This work indicates that cobalt ions have an adverse effect on the formation of collagen fib-

rils. An increase in the cobalt ion concentration not only elongates the D-spacing but also

decreases the fibril diameter. This causes an increase in matrix heterogeneity as shown

from frequency of local fibril density. Visually there is a decrease in structural integrity

of CoCol hydrogels with an increase in cobalt concentration. Local cobalt concentration

varies from high concentration to low concentration with a three-fold increase, which may

explain the localised density change of collagen fibrils. These differences caused a reduc-

tion in the overall stiffness of the collagen hydrogel. This change in matrix formation
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prevents osteoblasts from attaching and proliferating at a normal rate, changing both cell

morphology and metabolism, ultimately decreasing cell viability. Changes in characteris-

tic DSC and Raman collagen fibril measurements indicate that the likely interaction site

of cobalt - collagen is at the carboxylic acid terminal rather than interactions with either

the side of the collagen fibril or incorporated within a water bridge. This leads toward a

reduction in crucial stabilizing bonds within matrix formation, explaining the decrease in

matrix stiffness and reduction in energy required for bulk water loss.

These results give further insight into the underlying mechanisms that cause unex-

pected failures of MOM implants. As we have shown, the collagen matrix is adversely

affected, and it is likely that the extensive necrosis seen is more a result of the metal debris

changing the ECM structure rather than interacting with the surrounding cells directly.

Overall, manipulation of collagen matrix formation via inorganic ions can produce an

inflamed wound-like environment. Investigations into new materials for medical implants

need to focus on not only two-dimensional cell culture but also on three-dimensional cell

culture interactions, specifically focusing on any adverse effects the material may have

towards the ECM.
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CHAPTER 4

THE EFFECT OF CALCIUM AND PHOSPHATE
ON COLLAGEN ASSEMBLY

Early stage bone formation is characterised by the mineralisation of collagen
type I fibrils. These fibrils act as a scaffold on which hydroxyapatite (HA)
crystals form. Collagen type I fibrils consist of over 90% of all organic matter
within bone and are crucial for both formation and mechanical strength. The
fundamental process behind the role of collagen in early stage mineralization
is still largely unknown. As collagen is a hierarchical protein, we investigated
the influence of calcium, phosphate and calcium phosphate on collagen forma-
tion from the nano- to the macro- scale. This chapter found that calcium and
phosphate alter the conformation of the collagen triple helix, yet when cal-
cium phosphate is present, the conformation of the triple helix matches that of
native collagen. It was also found that the addition of calcium causes a signifi-
cant reduction in the size of the collagen triple helix, alongside phosphate ions,
however this is not the case with the addition of calcium phosphate. Investiga-
tions found calcium to be detrimental to the fibrillogenesis process, causing a
significant decrease in the growth phase. Calcium phosphate also has an effect
on fibrillogenesis but not as detrimentally as calcium alone. When looking at
near physiological ratios of calcium to phosphate (1:0.6), it was found that
calcium phosphate has a larger influence over later stage fibril development
rather than early stage. The data in this chapter suggests that these effects
are due to the size of individual calcium and phosphate ions and the size of
the calcium phosphate complex they form. Calcium phosphate clusters (Pos-
ner clusters) are five times larger than that of calcium and phosphate ions
alone. When interacting with surface groups on the collagen, smaller ions will
be able to deform the triple helix more than larger ions or complexes. In this
way the collagen molecule is able to maintain its triple helix conformation only
in the presence of Posner clusters, preventing disruption to the fibril formation
process and overall matrix assembly.
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4.1 Introduction

Bone is a hierarchical structure with multiple stages of organisation [278, 279]. Early

bone formation involves the organisation of type I collagen fibrils alongside hydroxyap-

atite (HA) crystals [Ca10(PO4)6(OH)2] [280–284]. The interaction is a complex physical

and chemical process dependent on intermolecular interactions between collagen and HA

[281]. The initial step in crystallization is nucleation of the extracellular matrix, in which

supersaturation of both calcium and phosphate allows for the first nuclei within the sys-

tem to form [285, 286]. As the collagen fibrils self-assemble, they regulate the nucleation

and growth of HA crystals so that the crystals form within the fibrils [280]. Within these

early forming HA crystals, the ratio of calcium to phosphate is 1.5 [287, 288]. Collagen

type I fibrils consists of more than 90% of all organic matter within bone [278, 289]. The

fibrils orientate in a way that provides a template for the deposition of HA mineral, form-

ing a dense matrix [278, 282, 289]. By ordering mineralisation through fibril organisation,

a structure is produced which has optimal mechanical properties [289]. Both structure

and formation of collagen fibrils play a role in maintaining the mechanical properties of

bone, as one of the influential factors regarding the biomechanical strength of tissues is

collagen fibril diameter [278]. Mineralization of bone matrix provides the stiffness of bone

with the collagen matrix contributing to its toughness [279].

Phosphate ions predominately exist as HPO2−
4 or HPO−4 ions at physiological pH [290–

292]. However the ratio of divalent to monovalent phosphate ions is 4:1 [291]. As there

are more divalent phosphate ions present, preferential binding with positive divalent ions

is prevalent. As calcium is a divalent ion, the nucleation and growth of mineral complexes

forms when phosphate interacts with surrounding calcium. An amorphous form of calcium

phosphate, called a Posner cluster, is considered to be the precursor to crystalline calcium

phosphate minerals, such as HA, which are crucial to bone mineralisation and formation

[293]. These clusters are comprised of particulates made of spherical domains ranging in

size from 0.7 – 1 nm in diameter [294]. The particulates then aggregate creating clusters

ranging from 30 - 100 nm in diameter, referred to as amorphous calcium phosphate (ACP).
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The ratio of calcium to phosphate within ACP has been found to be 1.45 ± 0.05 [283, 288].

ACP in turn creates a more stable phase and aggregates to form calcium phosphate chains

[288, 295]. The mineral crystals grow along the long axis of the collagen fibrils and lie in

parallel to the surface of the collagen [286].

It was initially believed that early nucleation sites formed at the carboxylic terminals

of the collagen molecule [280, 286]. In this way, calcium phosphate crystals fill the space

between adjacent collagen molecules arranged in a staggered array [282, 286]. These gaps

range from 35 - 40 nm in length and 1.5 - 3 nm width so are therefore able to accommodate

microcrystal formation [286]. This process is shown in Figure 4.1.

Figure 4.1: Mineralisation process of calcium (Ca) and phosphate (PO4) ions aggregating to
form mineralised collagen. (A) Ca2+ and PO3−

4 ions within the surrounding environment. (B)
Ca2+ and PO3−

4 ions aggregate to form Posner Clusters (0.1 - 1 nm). (C) Posner clusters
aggregate to form amorphous calcium phosphate (ACP) particles (30 - 100 nm). (D) ACP
becomes crystalline, in which it forms a platelet morpholoy (50 nm x 25 nm x 23 nm). (E)
Crystalline calcium phosphate nanocrystals incorporated into and mineralising collagen fibrils.
Image adapted from [4].
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However, studies have now shown, through Fourier-transform infrared spectroscopy,

that both calcium and calcium phosphate can also interact with the surface of the collagen

molecule through both carboxyl and carbonyl groups [280].

The mineralisation of collagen within bone is still largely unknown [282]. However,

through evaluation of the kinetic process of fibril formation (fibrillogenesis) we can deter-

mine how different ions influence matrix assembly [225, 296]. Collagen fibrillogenesis is

thermally driven, and due to the displacement of hydration layers surrounding the colla-

gen molecules, is controlled by large positive entropy. Hydrogen bonding between polar

residues within the collagen molecule contributes to a large part of fibrillogenesis [297]. As

collagen is hierarchical, ions are able to influence both formation and assembly at many

different stages [279, 296, 297].

In this chapter, the influence of calcium and phosphate ions (that are crucial to bone

development) on collagen assembly is investigated. The hierarchical properties of colla-

gen are investigated by an evaluation of the influence of these ions across the nano- to

macro-scale. Through the fundamental understanding of how these ions interact both

individually and within the same system, we can gain understanding of the early stage

bio-processes involved in bone mineralisation.

4.2 Methodology

4.2.1 Ionic Buffers

Each ionic buffer was made to a concentration of 0.1 mM in deionised water. Deionised wa-

ter was used to eliminate the effects of any other ions within the solution. The pH was then

adjusted to match that of the deionised water with either 1 M sodium hydroxide (Sigma-

Aldrich, UK) or 1 M hydrochloric acid (HCl, Sigma-Aldrich, UK) depedinging on the

pH of the initial solution. Ionic buffers included potassium chloride (KCl, Sigma-Aldrich,

UK), calcium chloride (CaCl2, Sigma-Aldrich, UK), magnesium chloride (MgCl2, Sigma,

UK), sodium chloride (NaCl, Sigma, UK), ethylenediaminetetraacetic acid (EDTA, Invit-
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rogen, CA, USA) and sodium phosphate (sodium phosphate dibasic heptahydrate (Acros

Organics, UK) and sodium phosphate monobasic monohydrate (Sigma-Aldrich, UK) at a

ratio of 1:0.46).

4.2.2 Freeze Drying

Samples were prepared as stated in Section 2.1.2 before being placed into -80 �hfor

24 hrs at incubation time points of 35 mins and 120 mins. Samples were then freeze

dried for 72 hrs using a Laylyo mini freeze dryer (Frozen in Time, UK). Freeze drying was

performed under high (4 x 10−4 mbar) vacuum conditions with the condenser temperature

set at -55 �. Freeze dried samples were imaged using AFM (sample preparation found in

Chapter 2 Section 2.1.2) but images were acquired over a larger area of 75 x 75 µm2.

4.2.3 Dynamic Light Scattering (DLS)

A Zetasizer NanoSeries (Malvern, UK) was used to measure dynamic light scattering of

collagen in deionised water and collagen with excess calcium chloride (CaCl2), sodium

phosphate (PO3−
4 ) and calcium phosphate at a ratio of 1:1 (Ca:PO4 1:1). Collagen was

at a concentration of 1 mg mL−1 with a buffer concentration of 0.1 mM. A refractive

index of 1.430 and absorption of 0.05 was used for collagen [298]. The dispersant used

was water with a viscosity of 0.8872 cP and refective index of 1.330. 1 mL of each sample

was placed in a disposable cuvette (Sarstedt ag & Co., DE) and 5 scans were taken for

each sample with 11 runs per scan.
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4.3 Results

4.3.1 The Influence of Calcium and Phosphate Ions on Collagen

Assembly

To fully understand how calcium and phosphate ions impact collagen assembly, their ionic

influence on the collagen molecule (triple helix) must be understood. Therefore, circular

dichroism (CD), dynamic light scattering (DLS) and zeta potential measurements were

undertaken. CD was performed on collagen dispersed in a buffer solution of excess calcium

chloride (CaCl2), sodium phosphate (PO3−
4 ) and calcium phosphate (Ca:PO4) at a ratio of

1:1, as shown in Figure 4.2A. This ensured that all potential binding sites on the collagen

triple helix were occupied. The CD signal measured had a reduction in both the positive

and negative peak with the addition of CaCl2 and PO3−
4 , indicating that both interact with

the collagen molecule and cause conformational changes. However, the buffer solution of

Ca:PO4 1:1 did not cause a reduction in either peak, with the signal matching that of the

control. This shows that the addition of both calcium and phosphate together prevents

conformational changes to the collagen molecule that occur when CaCl2 or PO3−
4 are

added individually. Ratios of positive to negative peaks (Figure 4.2B) quantify that both

CaCl2 and PO3−
4 interfere with the conformation of a collagen molecule, with Ca:PO4 1:1

not having an effect on the triple helix structure.

To further understand how each ionic complex is interfering with the molecular confir-

mation of collagen, DLS was implemented to evaluate molecule size. Figure 4.2C,D show

that the introduction of CaCl2 causes a reduction in the size of the collagen molecule,

with PO3−
4 also reducing the size but not as significantly. The addition of collagen to

Ca:PO4 1:1 causes a reduction in molecule size yet it is a non-significant reduction. This

correlates with CD measurements, showing how calcium and phosphate separately change

the conformation of the collagen molecule from that of its native form. DLS measure-

ments suggest that the presence of calcium causes a tightening of the collagen molecule,

with phosphate and calcium phosphate interacting but less strongly. Collagen molecule
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size peaks have been correlated to the peaks at 100 nm, as DLS is a technique optimised

for spherical products there will be a discrepancy from the established 300 nm size of a

collagen molecule [299].

Zeta potential measurements, Figure 4.2E, show that there is an increase in aggrega-

tion with the presence of both calcium and phosphate within the medium. This indicates

that collagen molecules are less stable within a Ca:PO4 1:1 buffer, suggesting an increase

in rate of fibril self-assembly.

Figure 4.2: (A) Circular dichroism measurements of collagen in excess calcium chloride (CaCl2),
excess sodium phosphate (PO3−

4 ) and excess calcium phosphate at a Ca:PO4 ratio of 1:1 (Ca:PO4

1:1). (B) Ratio of positive to negative (Rpn) peaks of circular dichroism data shown in (A).
(C) Dynamic light scattering measurements of collagen in excess CaCl2, excess PO3−

4 and excess
Ca:PO4 1:1. It has been assumed that the collagen molecule size is located at approximately
100 nm. (D) Quantification of the dynamic light scattering measurements shown in (C). (E)
Zeta potential measurements at a pH of 3.9 of collagen in excess CaCl2, excess PO3−

4 and excess
Ca:PO4 1:1. ** refers to a P value ≤ 0.01, * refers to a P value of ≤ 0.05 and NS refers to a
non-significant result. N = 3, error bars refer to ± standard deviation.
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As collagen is assembled in a hierarchical manner, it is important to understand how

changes to collagen molecule conformation influence fibril growth and formation. There-

fore, a series of fibrillogenesis studies were undertaken.

Turbidity measurements to investigate fibrillogenesis required optimisation. A 2 hr

absorbance scan of a 3 mg mL−1 collagen gel found the absorbance peak of collagen

to be 380 nm (over a range of 300 - 700 nm), as shown by Figure 4.3A. Therefore,

fibrillogenesis measurements at an absorbance of 380 nm were taken over a range of

collagen concentrations (0.5, 1, 1.5 and 2 mg mL−1). These measurements determined

that a concentration of 2 mg mL−1 provided an optimal fibrillogenesis curve, as shown

by Figure 4.3B. Concentrations lower than 2 mg mL−1 were not high enough to produce

a fibrillogenesis curve. This collagen concentration was then used in the optimisation of

further fibirllogenesis methods.

In order to ensure the reliability of absorbance measurements, multiple repeats of

2 mg mL−1 gels were scanned, as shown in Figure 4.4A. By using the initial method

involving the addition of 2.2 µL 1 M NaOH to each 96 well-plate individually, neither

accurate nor reproducible results were produced. Therefore, a stock solution of buffer

containing the required amount of NaOH for cross-linking (130 µL per 5 mL buffer) was

made for all repeats. Results from this method were more reliable, with a reduction in

standard deviation, as shown in Figure 4.4B,C. Therefore, this methodology was continued

to determine chemical influence on collagen assembly.

Although the concentration of NaOH required to fully cross-link a control collagen gel

was already established, the concentration required to cross-link a collagen matrix with

the addition of new ions still needed to be determined. Figure 4.5A shows absorbance

scans (over 300 - 700 nm) of varying NaOH concentrations with 2 mg mL−1 collagen. A

concentration of 26 µL mL−1 gave the largest absorbance reading so was used for future

experiments. Next, the optimal concentration of ionic buffer was determined by varying

the concentrations of KCl, as shown by the absorbance scans in Figure 4.5B. As there

was little difference between scans, a concentration of 0.1 mM was chosen. To ensure that
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Figure 4.3: (A) Absorbance of 3 mg mL−1 collagen taken over the range 300 - 700 nm, peak
was taken to be at a wavelength of 380 nm. (B) Fibrillogenesis of 2, 1.5, 1 and 0.5 mg mL−1

collagen, with 2 mg mL−1 giving the most expected response. All scans were baselined to that
of uncross-linked collagen at each corresponding concentration. N = 3, error bars refer to ±
standard deviation.

an absorbance wavelength of 380 nm was appropriate for all ionic solutions when added

to collagen, an absorbance scan of all ions combined with 2 mg mL−1 collagen was taken

over the range of 300 - 700 nm (Figure 4.5C). It determined that a more appropriate

absorbance wavelength was 360 nm and not the original 380 nm.

These established parameters (2 mg mL−1 collagen concentration, 0.1 mM ionic buffer

concentration, 360 nm absorbance) were then used to understand the fibrillogenesis pro-

cess in the presence of calcium and phosphate. Fibrillogenesis experiments show that cal-

cium chloride had the most detrimental effect on collagen fibril assembly (Figure 4.6A).

To see whether the addition of phosphate prevented these effects, sodium phosphate so-
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Figure 4.4: (A) Fibrillogenesis repeats of 2 mg mL−1 when initial method was undertaken.
This involved small volumes of NaOH being added to buffer within a 96-well individually. (B)
Fibrillogenesis repeats of 2 mg mL−1 using alternative method. This method involved adding
NaOH to a working buffer stock prior to addition of both to the 96-well. (C) Average of (B)
with standard deviation. N = 12 for (A) and N = 8 for (B), (C). Error bars refer to ± standard
deviation.

lution was added to calcium chloride at a Ca:PO4 ratio of 1:1. Both solutions were mixed

to create a final concentration of 0.1 mM. Figure 4.6C shows that adding phosphate into

the solution prevents the adverse effects on fibril formation. Figure 4.6B shows the fibril-

logenesis profile of collagen with added excess sodium phosphate only. This shows that

sodium phosphate alone does not influence collagen fibril assembly detrimentally. A con-

trol of the fibrillogenesis profile of NaCl and CaCl2 (Appendix I, Figure 7.6) indicated

that changes in the Ca:PO4 1:1 profile were not due to any NaCl within the solution.

To ensure that any changes in fibrillogenesis profile were not due to the presence of

chloride ions within the buffer, a fibrillogenesis assay of varying chloride complexes was

undertaken. In order to achieve this, stock solutions of KCl, MgCl2 and NaCl were made at

a concentration of 0.1 mM. Kinetic fibrillogenesis measurements determined that chloride

ions were not influencing turbidity due to the changes in turbidity profiles with different

cations, as shown in Figure 4.7. CaCl2 still had the most detrimental effect on collagen
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Figure 4.5: (A) Varying concentrations of NaOH (12-26 µL mL−1) required for gelation to
occur. (B) Absorbance scan between 300-700 nm of varying concentrations of KCl to determine
what concentration of ion was optimal. (C) Absorbance scan between 300-700 nm of 0.1 mM
ion with 2 mg mL−1 collagen to ensure wavelength used for fibrillogenesis was optimal. N = 3.

fibril formation, yet it was also shown that KCl adversely effected collagen fibril assembly

just not as drastically (Figure 4.7B). The fibrillogenesis profile with the addition of excess

MgCl2 was within one standard deviation of the control, alongside NaCl, however this

seemed to enhance the rate of fibril formation.

This was also confirmed by determining the growth phase of collagen when dispersed

within each ionic buffer. The growth phase is a product of both collagen molecule concen-

tration and the coalescence of collagen molecules [224]. As the concentration of molecules

is consistent, it can be determined that any changes in the growth phase are due to changes

in rate of fibril formation. Therefore, it can be used to determine characteristic changes

within matrix assembly. When looking at the growth phase for ionic solutions containing

chlorides, there was a significant difference when introducing both potassium and calcium

to the collagen matrix, as shown in Figure 4.7E. This seems to suggest that the chloride

ions are not effecting the fibrillogenesis process and any changes to fibrillogenesis, when
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Figure 4.6: Fibrillogenesis of (A) CaCl2, (B) sodium phosphate solution and (C) calcium
phosphate solution at a ratio of Ca:PO4 1:1. N = 3, error bars refer to ± standard deviation.

investigating calcium and phosphate, are from those ions alone. Investigations into alter-

native anions were also conducted, concluding that cations had the largest influence over

collagen fibril assembly (Appendix I, Figures 7.7, 7.8 and 7.9)

To visualise changes caused by altering the chemical environment of the collagen,

AFM images of dehydrated collagen gelled in each ionic buffer were taken, as shown in

Figure 4.8A. It was shown that the addition of KCl, CaCl2 and MgCl2 prevented the

formation of smooth, intact collagen aggregates, leaving agglomerated areas of collagen

monomers and rough bundles. This correlates with fibrillogenesis results as these ions had

an adverse effect on matrix formation, as indicated by Figure 4.7E. However, regardless of

which ion was added to the collagen, there was a decrease in fibril diameter, as shown in

Figure 4.8B. Examples of how fibril diameter was measured can be found in Appendix I

Figure 7.10. This indicates that all cations added to the collagen gel have an influence on

fibril assembly.

Growth phase measurements for collagen in the presence of excess calcium (0.1 mM),

93



Figure 4.7: Fibrillogenesis measurements of (A) CaCl2, (B) KCl, (C) MgCl2, and (D) NaCl at
a concentration of 0.1 mM added to 2 mg mL−1 collagen. Growth phase of collagen in excess
KCl, CaCl2, MgCl2 and NaCl. *** refers to a P value ≤ 0.001, * refers to a P value ≤ 0.05, NS
refers to a statistically non significant result. N = 3, error bars refer to ± standard deviation.

excess phosphate (0.1 mM) and excess calcium phosphate (0.1 mM) in a ratio of Ca:PO4 1:1

were then undertaken. Measurements were calculated from the fibrillogenesis profiles

shown in Figure 4.6. Growth phase measurements, shown in Figure 4.9A, further confirm

that the addition of phosphate reduces the negative effects of calcium on fibril formation,

as there is less of a significant difference between the growth phase of calcium phosphate

and calcium chloride. To determine the lowest ratio of phosphate required to reverse the
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Figure 4.8: (A) AFM images of 2 mg mL−1 collagen with added KCl, CaCl2, MgCl2 and NaCl
at a concentration of 0.1 mM. (B) Fibril diameter measured from triplicates of each AFM image.
*** refers to a P value of ≤ 0.001. N = 75 across 3 biological repeats, error bars refer to ±
standard deviation. Scale bar is 2 µm.

effects of calcium on collagen fibril formation, a range of Ca:PO4 ratios were also investi-

gated. Growth phase measurements of these lower ratios (Figure 4.9B) confirmed that a

ratio of 1:1 was the only ratio to show a significant (P ≤ 0.01) reduction, with all other

ratios having a non-significant effect on the growth phase in comparison to the control.
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Figure 4.9: (A) Growth phase of CaCl2, sodium phosphate solution (Na:PO4) and calcium
phosphate solution (Ca:PO4)at a ratio of 1:1. (B) Growth phase measurements of Ca:PO4 with
decreasing ratios of phosphate. Fibrillogenesis profiles used to measure ratio growth phase can
be found in Appendix I Figures 7.2 and 7.11. *** refers to a P value of ≤ 0.001, ** refers to
a P value of ≤ 0.01, * refers to a P value of ≤ 0.05, NS refers to a statistically non-significant
result. N = 3, error bars refer to ± standard deviation.

Fibrillogenesis profiles for these Ca:PO4 ratios can be found in Appendix I, Figure 7.11.

To visualise the difference between how calcium and calcium phosphate effected colla-

gen fibrils, AFM images were acquired. Figure 4.10A shows that the presence of calcium

chloride does not allow for defined collagen bundles to form. Visually, it shows a mass

of small protein agglomerates within the system. In comparison, the presence of calcium

phosphate allows for larger, more well-defined bundles to form. This is further confirmed

with fibril diameter measurements, as Figure 4.10B is showing a significant reduction in
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Figure 4.10: (A) AFM images of 2 mg mL−1 collagen with added CaCl2 and calcium phosphate
in a ratio of Ca:PO4 1:1 at a concentration of 0.1 mM. (B) Fibril diameter measured from
triplicates of each AFM image. *** refers to a P value of ≤ 0.001. N = 75 across 3 biological
samples, error bars refer to ± standard deviation. Scale bar is 2 µm.

fibril diameter in the presence of CaCl2 (P ≤ 0.001) and a non-significant reduction in

fibril diameter in the presence of Ca:PO4 1:1.

Although these AFM images provide a visualisation of any changes within the collagen

nanostructure, they do not provide definitive quantitative analysis. Dimensions such

as fibril diameter have been measured from these images, yet techniques such as high-

resolution transmission electron microscopy would have been able to provide further and

more definitive measurements. This would have provided a more robust understanding

of how each chemical is influencing the formation of collagen and therefore its assembly,

however this technique was not available during the project.

To understand the process by which phosphate may be preventing the detrimental

effects of calcium on collagen assembly, a calcium chelator was added in excess to collagen.
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Figure 4.11: Fibrillogenesis measurements of (A) CaCl2, (B) EDTA, (C) Ca:EDTA at a ratio
of 1:1. (D) Quantification of growth phase measurements for CaCl2, Ca:PO4 at a ratio of 1:1,
EDTA, Ca:EDTA at a ratio of 1:1. *** refers to a P value of ≤ 0.001, ** refers to a P value of
≤ 0.01, NS refers to a statistically non-significant result. N = 3, error bars refer to ± standard
deviation.

A buffer consisting of ethylenediaminetetraacetic acid (EDTA) and CaCl2 was made at

an overall ionic concentration of 0.1 mM, with the knowledge that calcium preferentially

binds to EDTA. It was found that the addition of EDTA alone did not have a significant

effect on collagen assembly, as shown by Figure 4.11B. When added to calcium at a

ratio of 1:1 it was also found that it prevented the detrimental effects of calcium on

collagen (Figure 4.11C) much the same as when phosphate was added to the solution.

This was further confirmed when looking at growth phase measurements (Figure 4.11D).

The quantification indicated that the addition of EDTA produced no significant difference

in growth phase in comparison to the control, unlike the addition of calcium alone. This

indicates that the calcium is preferentially binding to EDTA instead of collagen allowing

the collagen to form without interference. From this we can infer that the calcium is

also potentially interacting with phosphate, preventing it from influencing the collagen

molecule as drastically as it would if on its own.
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4.3.2 Investigation of the Early Mineralisation of Collagen

Early mineralisation of collagen is not well understood. Therefore, fibrillogenesis profiles

of early stage precipitation ratios of Ca:PO4 were measured. Initially Ca:PO4 ratios

ranging from 1:0.2 - 1:1 were investigated, with a consistent calcium concentration of 2

mM. The absorbance of each ratio of Ca:PO4 was measured to determine which ratio

gave the initial signs of precipitation. Collagen was gelled within a calcium phosphate

buffer, with a calcium concentration of 2 mM and phosphate concentration ranging from

0 - 2 mM. Gels were incubated for 2 hrs to ensure they were fully gelled before maximum

absorbance was measured. Figure 4.12 shows that a phosphate concentration of 1.2 mM

gave an initial increase in absorbance, corresponding to a Ca:PO4 ratio of 1:0.6. Therefore

this ratio was further investigated.

Figure 4.12: Maximum absorbance measurements of collagen with excess calcium at a concen-
tration of 2 mM and phosphate at a concentration ranging from 0 - 2 mM. N = 3, error bars
refer to ± standard deviation.

Figure 4.13A-C shows the fibrillogenesis profile of Ca:PO4 ratios of 1:0, 1:0.6 and

1:1 respectively, indicating that the presence of each ion does not have a significantly

detrimental effect on collagen assembly. Growth phase measurements, Figure 4.13D,

show how only high ratios of calcium and phosphate alter early stage fibril formation,

with there being no significant difference at early precipitation. Figure 4.13E, however,

shows how early precipitation does have an effect on plateau time. Plateau time is defined
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as the time at which turbidity stops increasing indicating changes in fibril assembly alone

[297]. This seems to indicate that early stage mineralisation, while not effecting fibril

formation, does effect fibril-fibril interaction at later stages of matrix formation.

Figure 4.13: Fibrillogenesis of (A) Ca:PO4 at a ratio of (A) 1:0, (B) 1:0.6 and (C) 1:1 all with
calcium at a concentration of 2 mM. Growth phase (D) and plateau time (E) of each ratio.
** refers to a P value of ≤ 0.01, NS refers to a statistically non significant result. N = 3, error
bars refer to ± standard deviation.

AFM images of Ca:PO4 at ratios of 1:0.6 and 1:1 at precipitation concentrations

indicated a change in fibril formation at 35 min and 120 min, as shown in Figure 4.14A.

Initial fibril formation can be seen in both the control and Ca:PO4 1:0.6 at 35 min, which

is not visible at a ratio of 1:1. Full fibril formation is visible within all samples, with more
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defined fibrils in the control sample and Ca:PO4 ratio of 1:1. Figure 4.14B shows the fibril

diameter of each sample after an incubation period of 120 min. Fibril diameter indicated

that a Ca:PO4 ratio of 1:0.6, had a significant decrease in fibril concentration, with a ratio

of 1:1 having a non significant difference between 1:0.6, and a significant difference with

respect to the control.

Figure 4.14: (A) AFM images of control collagen, Ca:PO4 at a ratio of 1:0.6 and Ca:PO4 at
a ratio of 1:1 at a higher calcium concentration of 2 mM. (B) Fibril diameter measured from
AFM images of each sample. ** refers to a P value of ≤ 0.01, NS refers to a statistically non
significant result. N = 75 across 3 biological samples, error bars refer to ± standard deviation.
Scale bar is 2 µm.
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4.4 Discussion

Both CD and zeta potential investigations indicated that both calcium and phosphate

interacted with collagen molecules. CD data showed how excess calcium ions and excess

phosphate ions caused a change in conformation of the triple helix. However, when in the

presence of both calcium and phosphate ions, the triple helix retains its structure. DLS

measurements also indicated that the addition of calcium and phosphate in excess caused

a reduction in molecule size, with calcium ions causing a more significant hydrodynamic

radius reduction. However, although calcium phosphate causes a slight reduction it is not

significantly less than that of control collagen.

We hypothesise that the change in conformation is due to the size of the individual ions

and calcium phosphate complex. If each ion/complex is able to interact with the surface

of the collagen molecule it would be able to distort the triple helix structure resulting in

a change in molecule confirmation. A smaller ion would cause surface groups which are

attracted to it to be more greatly displaced than a larger ion/complex. Calcium ions have

a radius of 217 pm [300] and phosphate ions have a radius of 238 pm [301], so are both

small enough to cause a drastic conformational change. However, Posner clusters (clusters

of both calcium and phosphate indicative of early stage mineralisation) have a radius of

1000 pm [302]. This means that Posner clusters are approximately five times larger than

each individual component. Therefore, interactions between a calcium ion and a collagen

surface group would result in larger distortion of the triple helix than a Posner cluser, as

schematically depicted in Figure 4.15.

This would explain why CD shows an intact triple helix when collagen is in the presence

of excess calcium phosphate as the cluster is unable to drastically alter the shape of

the triple helix, preventing detrimental conformational changes. We hypothesise that

interaction happens across the entire collagen molecule as CD titration data (Appendix 1,

Figure 7.12) indicated that there are 6000 binding sites for both calcium and phosphate

respectively, equating to approximately two binding sites per amino acid residue. Zeta

potential indicated that the addition of calcium phosphate interacted with the collagen
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Figure 4.15: Schematic showing (A) an unaffected collagen molecule, (B) a collagen molecule
distorted by calcium ions and (C) a collagen molecule distorted by Posner’s clusters. Not to
scale.

present within the sample, increasing its likelihood of aggregation.

As there was a change in zeta potential, we know any changes in molecule or fibril

formation are still due to an interaction between collagen and calcium phosphate, rather

than phosphate preferentially binding to calcium ions preventing them from adversely

interacting with collagen. As calcium is divalent it has a strong affinity for the peptide

groups in collagen. The large dipole moment on specific groups, such as carboxyl or amino

groups, in collagen seem to provide preferential adsorption of divalent ions due to both
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the positive and negative charges on each collagen group [225]. This suggests that it is

the calcium which interacts with the surface of the collagen molecule, with electrostatic

repulsion forcing the phosphate to form a layer on the outer most edge of the calcium. As

phosphate is a negative ion, it provides the same interaction sites that would be present

from the hydroxyl and carbonyl groups present in collagen. These sites are essential for

water bridges which form the backbone of collagen aggregation [274].

This process is also confirmed by the fibrillogenesis profile of collagen and calcium

phosphate. The growth phase of collagen when in the presence of Ca:PO4 1:1 is less

significantly different from the control than when collagen is in the presence of CaCl2 alone.

This shows how calcium phosphate interacts with the collagen molecule in a way which still

allows for intermolecular binding and therefore fibril formation. However, this process is

slower than that of control collagen. The addition of lower ratios of phosphate to calcium

indicates that the size of the Posner cluster has an effect on the rate of growth of fibrils.

Even low concentrations of phosphate were still able to prevent calcium from interacting

with the collagen molecules in a way that prevented fibril formation. This process is

further confirmed by AFM images. By adding excess CaCl2, collagen fibrils were unable

to form, leaving only aggregation of globular proteins rather than fully defined fibrils.

Calcium phosphate, however, produced highly defined fibrils, similar to that of control

collagen. Fibril diameter measurements also show that calcium chloride interacts with the

collagen molecule in a way that significantly reduces fibril diameter. In comparison, the

addition of excess calcium phosphate did not alter the fibril diameter significantly from

that of the control, further determining that calcium phosphate interaction with collagen

molecules does not hinder fibril formation.

By looking at calcium phosphate ratios that were slightly higher than that of HA, at

concentrations that had visible precipitation, it was clear that fibrillogenesis profiles were

similar to that of the control. Growth phase measurements showed how physiological

ratios only effected later stage fibril formation (plateau phase) rather than early stage

(growth phase). This further indicates that calcium phosphate is interacting with the
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collagen molecule in a way that allows for unaffected fibril formation, effecting only fibril

assembly and not formation. AFM images visualise this change, as ratios of Ca:PO4 1:1

at a calcium concentration of 2 mM do not have the early stages of fibril formation at

35 min. Only globular regions of proteins are present at 35 min, although fully formed

fibrils are present at 120 min. For physiological ratios early stage fibril formation can be

seen at 35 min, also indicating that this ratio does not influence early stage development

as shown from fibrillogenesis and growth phase measurements. Quantification of fibril

diameter at higher calcium concentration further shows that the interaction of calcium

chloride with collagen molecules causes a decrease in the fibril diameter. This again

suggests that calcium phosphate influence only effects later stage assembly of fibrils.

4.5 Conclusion

Calcium and phosphate have an adverse effect on collagen formation. Both, when added

in excess, cause changes in the conformation of collagen molecules and prevent fibril

formation. However, when calcium phosphate is present, collagen molecule conformational

changes do not occur and fibril formation is similar to that of control collagen. We suggest

that is due to the size of each individual ion and the size of Posner clusters. Both calcium

and phosphate ions are much smaller than Posner clusters. Any deformation caused from

the ions interacting with the surface will be more significant with smaller ions than the

Posner complex. This allows for fibril formation and assembly that matches that of control

collagen. When looking at physiological ratios of calcium phosphate (Ca:PO4 1:0.6) it is

clear that surface interaction of calcium phosphate with collagen only interferes with later

stage development yet still provides intact fibrils.

This data seems to support the idea that early fibril mineralisation occurs after Posner

clusters have formed. As there are multiple binding sites along the surface of the colla-

gen molecule, as indicated by CD data, it is clear that mineralisation occurs across the

whole collagen molecule rather than at the terminals. Posner clusters must form prior to
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mineralisation to prevent breakdown of collagen fibril formation, something that would

be caused by each component of the cluster individually.
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CHAPTER 5

INFLUENCE OF SURFACE CHEMISTRY AND
TOPOGRAPHICAL CUES ON COLLAGEN

MATRIX FORMATION

Corneal blindness is a worldwide problem caused by both traumatic injuries
and disease. Corneal trauma is responsible for half a million new cases of blind-
ness per year. The only treatment for corneal blindness as a result of corneal
laceration is keratoplasty. This is heavily reliant on highly skilled surgeons,
eye-banks and surgical facilities. Furthermore, there is a high risk of infection
and graft rejection. These treatments are not so readily available within the
developing world. The cornea is mainly comprised by the stroma (90%) which
has extensively organized ECM. This ECM is responsible for both the trans-
parency and mechanical properties of the cornea. However, during wound
healing the ECM is deposited rapidly, resulting in abnormal protein content
and organisation. This change in organisation within the corneal epithelium
and stroma can result in scarring which alters the transparency and function
of the cornea. This can result in scar induced blindness. Within this chapter,
external manipulation of collagen type I to force orientation and alignment is
investigated. Through the use of surface chemistry and topography collagen
was perpendicularly aligned to the nanopatterned edge. A ridge to gap ratio
of 1.5 and a depth of 1000 nm resulted in approximately 60% perpendicular
collagen alignment. This structure was replicated in IP-DIP (a biocompatible,
high resolution surface) to determine whether the collagen alignment preferen-
tially aligns cells seeded onto the surface instead of the cells orientating with
the pattern underneath. It suggested that the perpendicular alignment of col-
lagen caused an increase in randomisation of cellular cytoskeleton, however
due to the surface area of the IP-DIP being considerably smaller than cell
size, quantification was not possible. The underlying mechanism as to why
perpendicular alignment occurs is unclear, however it appears to be due to
regular attachment points on the ridge edges alongside it being more energeti-
cally favourable for collagen to align perpendicular rather than parallel to the
pattern.
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5.1 Introduction

Corneal disease and corneal traumatic injuries are a major cause of worldwide blind-

ness. Corneal ulceration and ocular trauma are responsible for 1.5-2 million new cases of

blindness every year, with half a million of these being trauma alone [303, 304]. Com-

monly, patients who have suffered these types of corneal injuries are classed as visually

disabled, due to the injuries being more commonly monocular [303]. Trauma is often

the most significant cause of unilateral loss, especially within developing countries [305].

Currently, the only treatment for corneal blindness is keratoplasty. This relies heavily on

highly skilled surgeons, good surgical facilities and reliable eye-bank facilities. In addition,

there is a risk of graft rejection and infection following surgical procedure. Treatment to

minimise these risks is not so readily available within the developing world [303, 306].

Many pharmaco-therapeutic products have been used to try and enhance wound heal-

ing properties [306–308]. For example, epidermal growth factor, once applied to the injury

site, binds to its transmembrane receptor, causing an activation intercellularly of several

metabolic events. This stimulates the proliferation and differentiation of epithelial cells

in the limbus and peripheral cornea, therefore re-epithelializing the corneal surface [307].

These products are usually applied as an eye drop or incorporated into a contact lens.

Applications are typically frequent, increasing the cost required to store multiple doses

and for trained professionals to administer [307]. Adhesives have also been considered

to improve wound healing rate following corneal traumatic injury. This process involves

gluing the cornea at the sight of injury reducing scarring and inflammation effects. Al-

though this process is more effective than using sutures, it is only suitable for ocular injury

from lacerations. The process still requires trained professionals to administer and a time

limitation on application of product [309, 310]. Although 80% of all corneal blindness

is preventable, many developing countries do not have the economic support for ocular

treatment [311].

The cornea is predominately constituted by the stroma, which encompasses 90% of the

corneal depth. The anterior of the stroma is covered with epithelium, with the posterior
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covered with endothelium. The predominant role of the ECM in the eye is to focus

light towards the retina, therefore, it needs to be both transparent and curved. Both

these qualities are due to the highly organised hierarchical extracellular matrix (ECM),

consisting of regularly spaced collagen fibres with both uniform interfibrillar space and

diameter [312, 313]. The ECM within the eye defines both tissue function and form.

Mechanical properties and the protective outer layer of the connective ocular tissues define

both the transparency and shape of the cornea. This allows light to be focussed into the

back of the retina. The connective tissues are predominately comprised of collagen, with

the properties of the ocular ECM determined by the unique spatial organisation of the

tissue components [314].

Within the cornea, these collagen fibres weave together to form an orthogonal, 3- di-

mensional refractive lens. The cornea has distinct patterns at different depths. Multi-

layered collagen lamellae, running from the central region of the stroma towards the

anterior end of the stroma, are organised both parallel and traverse to the corneal sur-

face, as shown in Figure 5.1. The anterior lamellae have complex linking patterns, due to

branching between fibrils, with multiple fibres bisecting the direction of the corneal sur-

face. This forms a tightly woven 3-dimensional pattern of intertwined fibrils interacting

with adjacent lamellae. This allows for an increase in mechanical stiffness and therefore

produces a more rigid structure, maintaining the overall corneal shape. In comparison,

the posterior collagen lamellae run mostly parallel to the corneal surface, with little to

no branching. The collagen molecules within a hydrated human cornea have a 1.6 nm

spacing. The regular spacing (65 nm) and uniform diameter (32 nm) of the collagen fib-

rils is required for transparency of the cornea. Non-collagenous materials bind to the gap

regions within the cornea. [314].

Different cells within the cornea heal in different ways. Epithelial cells heal via move-

ment and differentiation of limbal stem cells, however the epithelial cells themselves do

not re-differentiate. Stromal cells require keratocytes to transform to myofibroblasts and

fibroblasts, with considerable contribution from immune system cells. Endothelium cells
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Figure 5.1: Structure of collagen within the cornea. Hash network of fibres at the anterior part
of the eye which are regularly spaced to allow exterior light into the retina. Cartoon is not to
scale. Blue lines represent collagen fibrils and yellow lines represent light. Shades only represent
different layers of collagen fibrils.

heal via migration and spreading; re-differentiation may occur but only as a secondary

process. All of these processes require the involvement of the ECM [315, 316].

Epithelium wound healing requires growth factors and ECM signal interactions to

allow for a restoration of homeostasis and epithelial integrity. The ECM within the ep-

ithelium is basement membrane. During epithelium wound healing, the ECM undergoes

degradation to allow for further production and reorganisation of the matrix. This re-

modelling, alongside the release of growth factors, creates a scaffold to direct migration

of epithelial cells across the wound [315–318].

When wound healing occurs in the stroma, there are multiple changes to the surround-

ing cells such as keratocyte apoptosis and proinflammatory cytokine secretion. This in

turn results in extensive ECM remodelling, from degradation to reassembly as close to

native tissue as possible, to enhance structural support for wound healing cells. This new

ECM often forms proteins that are atypical from the native ECM resulting in compo-

sitional and organisational changes. It is these changes to the newly deposited matrix

which result in scar formation, reducing the function of the stromal tissue and resulting

in a reduction in transparency [315, 318].

During corneal wound repair, it is essential that the surface maintains both a smooth
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refractive surface (on the macro scale) - facilitated by a uniform epithelium, and a pro-

tective barrier [317, 319]. As the migration and differentiation of cells are dictated by the

ECM, complete restoration of the corneal ECM is essential to maintain transparency and

function of the cornea [317].

Therefore, in this chapter the external manipulation of collagen, resulting in organised

and aligned fibrils, is investigated. This is achieved through the use of both surface

chemistry and surface topography. The alignment, achieved in the perpendicular direction

(from the patterned edge), was also used to determine whether collagen orientation and

alignment is sufficient to influence cellular orientation over the underlying pattern.

5.2 Methodology

5.2.1 Patterned Surfaces

Surfaces were created originally using AutoCAD (2008). Images were extruded to the de-

sired depths on AutoCAD and focus ion beam (FIB) milled into a silicon wafer by Datel

(Datel Holdings Ltd, UK). Silicon wafers were n-type with a 100 crystal orientation. A

NanoWizard® 4 NanoScience Atomic Force Microscope (JPK Instruments, DE) was used

to determine parameters of each of the surfaces in contact mode. A PointProbe®Plus

Non-Contact/Tapping Mode - High Resonance Frequency probe (Nanosensors, CH) with

cantilever of 330 Hz frequency and 42 Nm−1 spring constant was used to obtain each im-

age. Scans were processed using JPK Data Processing Software (JPK Instruments, DE).

Surfaces used to determine which pattern parameter was more significant in orientating

collagen alignment were also created in AutoCAD, however samples were FIB milled using

a Strata DB235 (FEI, OR, USA).

5.2.2 Alignment Measurements

Three biological repeats of each patterned surface with the desired collagen concentration

were imaged via environmental scanning electron microscopy (ESEM), as described in
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Section 2.1.11. Images were imported into ImageJ [207] and alignment angle with respect

to ridge edge was measured. 25 random fibrils were measured over 3 biological samples

(N=75) and results were analysed using a two-way paired t-test with respect to the control.

5.2.3 Surface Free Energy (SFE) of IP-DIP

Surfaces created via photolithography in IP-DIP had surface free energy measured follow-

ing the protocol dictated in Section 2.1.13. However, a volume of 2 µL instead of 10 µL

was used due to surface area of unpatterned IP-DIP. A two-way paired t-test was per-

formed on the contact angle for pure water only measurements to determine any statistical

significance between the data sets.

5.3 Results

5.3.1 Influence of Surface Chemistry

Having shown that the chemistry of the surrounding environment alters collagen assembly,

the influence of surface chemistry was investigated. Polydimethylsiloxane (PDMS) was

chosen as a starting material to chemically alter, due to its biocompatibility and wide use

in medical devices [320–323]. The surface of PDMS can be altered via plasma treatment,

silanization and sputtercoating providing a platform for surface chemistry changes.

To change the chemistry of PDMS, the surface was plasma treated (PDMSPlasma) for

10 mins. This changed the PDMS surface from hydrophobic to hydrophilic. In addition to

this PDMS was sputtercoated with gold (PDMSAu) to provide another change in surface

chemistry, as shown in Figure 5.2. To ensure that the gold coverage was significantly

thick enough to alter the surface chemistry, both XRF and SEM images were taken. XRF

images were taken of PDMS half sputtercoated with gold, clearly showing that there is a

significant addition of gold to change the surface chemistry (Figure 5.2A). Furthermore,

SEM images indicated that there was an uneven layer of gold on the PDMS surface with

a clear distinction between gold treated and untreated PDMS (Figure 5.2B). Another
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change in surface chemistry was created by first treating PDMS with plasma and then

exposing to APTES (PDMSAPTES).

Figure 5.2: (A) XRF image of PDMS half sputtercoated with gold. Scale bar is 1000 µm.
(B) SEM image of PDMS half sputtercoated with gold. Coating of gold is sufficient enough to
result in a change in surface chemistry. Scale bar is 100 µm.

To determine the surface free energy (SFE) of each surface the contact angle of pure wa-

ter, ethelyene glycol and diiodomethane on each of the five surfaces (silicon, PDMS, PDM-

SPlasma, PDMSAu and PDMSAPTES) was measured. A description of this methodology

and the theory behind the calculation of surface free energy can be found in Section 2.1.13.

When looking at the contact angle of pure water alone, it is clear that PDMS is the

most hydrophobic surface (Figure 5.3A). It also shows that PDMSPlasma is the most

hydrophilic, with silicon chemistry being similar. By using the Zisman plot, as shown in

Figure 5.3B, a specific profile can be determined for each surface. Through addition of

the square of both the gradient and y-intercept of each line the surface free energy can be

determined. These values are shown in Table 5.1. As PDMS is hydrophobic it had the

lowest SFE, with PDMSPlasma having the highest as it is the most hydrophillic. The SFE

for both silicon and PDMS lie within the range as stated in the literature [230, 324]. From

SFE measurements it can be concluded that PDMSAu is the second most hydrophillic

surface with PDMSAPTES lying between PDMSAu and silicon.

Collagen at a concentration of 0.5 mg mL−1 was deposited onto all five of the surfaces
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Figure 5.3: (A) Contact angle mean for each surface using pure water. (B) Zisman plot
using diiodomethane (CH2I2), ethylene glycol (C2H6O2) and pure water (H2O) for each of the
chemically altered surfaces. *** refers to a P value ≤ 0.001 and ** refers to a P value ≤ 0.01.
N = 30, 5 measurements of both left and right side angles across 3 biological repeats. Error bars
refer to ± standard deviation.

to determine collagen matrix formation. SEM images indicate that collagen fibrils formed

on silicon, PDMSAu and PDMSAPTES as shown in Figure 5.4A-E. Although there is

a difference in hydrophobicity between PDMS and PDMSPlasma, as shown from SFE,

PDMSPlasma is a reversible process. Figure 5.4 indicates that the hydrophobic properties

of PDMS prevent collagen from forming complete fibrils. Instead, collagen seems to form
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Table 5.1: Surface free energy measurements calculated from Zisman plots for silicon, PDMS,
PDMSPlasma, PDMSAu and PDMSAPTES

Surface Surface free energy

(mJ·m−2)

Silicon 31.71

PDMS 19.18

PDMSPlasma 46.13

PDMSAu 37.64

PDMSAPTES 28.00

discrete globular masses. PDMSPlasma also produces similar results to PDMS, as the

reversible properties of plasma treatment may occur faster than collagen fibrils take to

form.

To quantify collagen fibril formation on each surface, alignment of fibrils with respect

to the horizonal was measured. There was no significant difference between collagen

formation on all surfaces except for PDMSAu as shown in Figure 5.4F. This indicates

that surface chemistry does not have a large enough influence on collagen orientation

to provide significant alignment changes, although Figure 5.4 clearly shows that surface

chemistry has an influence on collagen assembly. However, PDMS sputtercoated with

gold was the only surface with a topographical change. The increase in organisation of

the collagen matrix may be influenced more due to surface topography rather than surface

chemistry. Therefore, topographical influence on collagen assembly was investigated.
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Figure 5.4: SEM images of 0.5 mg mL−1 collagen deposited onto a (A) silicon wafer, (B) PDMS,
(C) PDMSPlasma, (D) PDMSAu and (E) PDMSAPTES. PDMS and PDMSPlasma produced
globular collagen rather than fully formed fibrils. The gold on PDMS formed an uneven layer
changing the topography of the surface. (F) Percentage aligned of fibrils, measured from the
horizontal, of 0.5 mg mL−1 collagen deposited onto a silicon wafer, PDMS, PDMSPlasma,
PDMSAu and PDMSAPTES. It was found that there was no significant difference in collagen
assembly with respect to surface free energy, however PDMSAu, a surface with a topographical
change, did provide a significant increase in organised collagen. * refers to a P value ≤ 0.05, NS
refers to a non-significant result. N = 3, error bars refer to ± standard deviation. Scale bar is
5 µm.
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5.3.2 Topographical Influences

To determine the effect of topography on collagen alignment a total of 12 patterned

surfaces were created using AutoCAD. The parameters of these surfaces can be found in

Table 5.2.

Table 5.2: AutoCAD parameters for etching specific patterns into silicon wafers

Structure Ridge Width Gap Width Gap Depth Ridge to Gap (RG)

(nm) (nm) (nm) Ratio

1.1 700 1000 1000 0.7

1.2 700 1000 500 0.7

1.3 700 1000 200 0.7

2.1 1000 700 1000 1.4

2.2 1000 700 500 1.4

2.3 1000 700 200 1.4

3.1 550 850 1000 0.6

3.2 550 850 500 0.6

3.3 550 850 200 0.6

4.1 850 550 1000 1.5

4.2 850 550 500 1.5

4.3 850 550 200 1.5

These surfaces were etched onto silicon wafers via focussed ion beam milling (Datel

Holdings Ltd, UK). Three technical repeats were created to allow for surface reliability.

AFM images of each surface allowed measurements of each parameter to be obtained, as

shown in Figure 5.5. Each parameter was within one standard deviation from the original

CAD file except for the ridge width of surface number 2 which was within two standard

deviations of the original file, as indicated by Table 5.3. Masked average roughness was

also measured from the AFM images for each of the four surfaces.

In order to determine the optimal topographical parameters for collagen alignment, a

collagen concentration of 1 mg mL−1 was deposited onto the etched silicon surface. SEM
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Figure 5.5: AFM images of each surface to ensure that the dimensions were the same as those
created in the CAD file. Scale bar is 5 µm.

Table 5.3: Measured parameters from AFM images of etched silicon patterned surfaces

Structure Ridge Width Gap Width Masked Average Roughness

(nm) (nm) nm

1.1 141.00

1.2 698 ± 35 1008 ± 44 88.60

1.3 27.90

2.1 78.82

2.2 937 ± 47 708 ± 43 75.43

2.3 55.51

3.1 101.50

3.2 560 ± 51 830 ± 52 117.20

3.3 64.21

4.1 66.76

4.2 856 ± 59 537 ± 45 78.01

4.3 74.99

images were obtained for each surface as shown in Figure 5.6. Visually, surfaces with a

RTG ratio of 0.7 did not allow for any form of collagen alignment (surface number 1). In

comparison, surfaces 2, 3 and 4 seemed to indicated a preferential alignment of collagen

in the perpendicular direction. The control image indicates that random deposition of

collagen on a silicon wafer results in a randomised mesh-work of collagen fibrils, unlike

that found on surfaces with RTG ratios of 1.4 and 1.5.

To determine which surfaces produced biologically reproducible results, images of three

repeats were taken and alignment of collagen measured as the angle between ridge edge
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and fibril. All surfaces which produced a perpendicular collagen alignment within 10◦

of each other were considered to be reliable, as shown in Figure 5.7 and are indicated

by a red circle. Of those measurements which were reliable, only two patterns produced

statistically significant results in comparison to the control, as indicated by a green circle.

Figure 5.6: SEM images of 1 mg mL−1 collagen deposited onto each patterned structure. Images
taken in vacuum with a 5 kV beam. Scale bar is 5 µm. Ridge width (R), gap width (G) and
depth (D) are as follows: 1.# (R) 700 nm, (G) 1000 nm, 2.# (R) 1000 nm, (G) 700 nm, 3.# (R)
550 nm, (G) 850 nm, 4.# (R) 850 nm, (G) 550 nm. #.1 (D) 1000 nm, #.2 (D) 500 nm, #.3
(D) 200 nm.
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These patterns were RTG ratio of 1.4 and 1.5 with a depth of 500 nm and 1000 nm respec-

tively. To determine whether surface roughness was a factor with regards to alignment,

the percentage of fibrils perpendicularly aligned was correlated to the specific structural

roughness. However Figure 5.7D clearly indicates that roughness does not have an effect

on alignment orientation.

Figure 5.7: Percentage of fibrils aligned between 80-110◦ at depths of (A) 200 nm, (B) 500 nm,
(C) 1000 nm. Red circles indicate biological repeats that are within 10◦ of each other, green
circles indicate biological repeats that were statistically significant from the control. (D) Average
percentage of fibrils at perpendicular alignment with respect to structural roughness.There is no
correlation so roughness does not effect alignment organisation. ** refers to a P value ≤ 0.01,
* refers to a P value ≤ 0.05 and NS refers to a non-significant result. N = 75 across 3 biological
samples for (A), (B), and (C). N = 3 for (D). Error bars refer to ± standard deviation.

To ensure that alignment was not collagen concentration dependent concentrations of

collagen at 0.5, 1, 1.25, 1.5 and 1.75 mg mL−1 were all deposited onto patterns 2.2 (RTG

1.4 at 500 nm depth) and 4.1 (RTG 1.5 at 1000 nm depth). These were again imaged

using SEM as shown in Figure 5.8. All concentrations visually preferred perpendicular

alignment with little visual variation between concentrations.

To quantify collagen alignment at different concentrations the angle between the ridge
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Figure 5.8: SEM images of varying concentrations of collagen on pattern structures with an
RTG ratio of (A) 1.4 and (B) 1.5. Images taken in vacuum with a 5 kV beam. Scale bar is
5 µm.

edge and collagen fibril was again measured. It was found that all concentrations had

a significant perpendicular alignment with the surface structure, however there was a

higher degree of reliability between concentrations of collagen deposited onto the silicon

patterned surface with a RTG ratio of 1.5. This quantification is shown in Figure 5.9.
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As this surface provided both the highest percentage of fibril perpendicular alignment

and lowest variability in collagen concentration it was deemed the most optimal surface

pattern.

Figure 5.9: Quantification of percentage of fibrils aligned between 80 - 110◦ of the ridge edge.
Alignment measured from SEM images of varying concentrations of collagen deposited onto
pattern structures with a RTG ratio of (A) 1.4 and (B) 1.5. *** refers to a P value ≤ 0.001,
** refers to a P value ≤ 0.01, * refers to a P value ≤ 0.05. N = 75 across 3 biological samples.
Error bars refer to ± standard deviation.

5.3.3 Topographical Influence on Cell Alignment

In order to determine whether the underlying collagen alignment had a more significant

influence on cell alignment than the patterned structure, patterned surfaces with ridge to

gap ratio of 1.5 were created within a photoresist. Although silicon wafers were used to

establish the optimal patterned surface for the highest percentage alignment, it is not a
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suitable material for a corneal wound dressing. Therefore, an optically clear, biocompati-

ble photoresist was chosen. IP-DIP was a suitable photoresist due to its biocompatability

and high resolution as its refractive index matches the focusing optic required for fabri-

cation [325–329].

To verify whether the surface chemistry of IP-DIP had an effect on collagen alignment,

contact angle and surface free measurements were conducted. Figure 5.10A indicates that

IP-DIP is a more hydrophobic surface than silicon. However, when looking at the Zisman

plot (Figure 5.10B) and SFE values (Table 5.4) we can see that the surface free energy

for silicon and IP-DIP are seemingly similar. This may indicate that they have similar

surface chemistries and collagen will align in a similar manner.

Figure 5.10: (A) Contact angle mean for both silicon wafer and IP-DIP non-patterned surface
using pure water. (B) Zisman plot using diiodomethane (CH2I2), ethylene glycol (C2H6O2) and
pure water (H2O) for silicon and IP-DIP. *** refers to a P value≤ 0.001. N = 30, 5 measurements
of both left and right side angles across 3 biological repeats. Error bars refer to ± standard
deviation.
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Table 5.4: Surface free energy measurements calculated from Zisman plots for silicon and IP-
DIP

Surface Surface free energy

(mJ·m−2)

Silicon 41.82

IP-DIP 45.08

Collagen alignment was then investigated to ensure that patterned surfaces on IP-DIP

still caused a high percentage of perpendicular alignment. Figure 5.11A shows a high level

of alignment of 1 mg mL−1 collagen when placed on the patterned surfaces. Figure 5.11B

shows the random alignment of collagen when deposited onto a non-patterned section of

IP-DIP.

Figure 5.11: ESEM image of 1 mg mL−1 collagen deposited onto (A) patterned IP-DIP and
(B) non-patterned IP-DIP. (C) Quantification of the percentage of fibrils aligned between 80 -
110◦ of the ridge edge. ** refers to a P value ≤ 0.01, *** refers to a P value ≤ 0.001. N = 75
across 3 biological samples. Error bars refer to ± standard deviation. Scale bar is 2 µm.
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Quantification of this alignment is shown in Figure 5.11C, with there being no signif-

icant difference between the percentage of fibrils that aligned perpendicular to the ridge

edge between both silicon and IP-DIP. However, there is a significant difference between

the percentage of fibrils aligned when compared to a non-patterned control surface of each

material. This indicates that the underlying IP-DIP at a pattern with a ridge to gap ratio

of 1.5 and depth of 1000 nm is highly aligning collagen aggregates.

To investigate biological influence corneal fibroblasts were cultured for 48 hrs on pat-

terned and non-patterned IP-DIP surfaces and imaged under fluorescent and brightfield

light. Figure 5.12 shows the difference between cellular alignment both with and without

collagen present.

Figure 5.12: Fluorescent and brightfield images taken of corneal fibroblasts cultured for 48 hrs
on patterened and non-pattered IP-DIP in the presence of collagen and without. Cells were
stained with both Phalloidin (red) and DAPI (blue), however the DAPI dye stained the IP-
DIP pattern very strongly preventing the visualization of cellular DNA. IP-DIP patterning was
vertical as shown within brightfield images. Scale bar is 150 µm.

Visually, there is a potential that the presence of collagen causes an increase in the
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random orientation of the cytoskeleton within the actin, however this is hard to quan-

tify. This is shown by the red Phalloidin stain. Unfortunately, the DAPI dye stained

the IP-DIP surface so strongly that visualization of cell DNA location was not possible.

Therefore, the blue square only indicates the presence of the IP-DIP surface. Whether the

underlying perpendicular alignment of collagen is sufficient to alter the alignment of cel-

lular cytoskeleton is still unclear due to the size of the patterned surface (100 x 100 µm2)

in comparison to the cellular size (265.6 ± 10.65 µm [330]). Quantification could only

be determined if there was a significant increase in the number of cells present on the

patterned IP-DIP (all repeats can be found in Chapter 8 Figure 8.1, 8.2 and 8.3).

5.3.4 Understanding the Driving Forces Behind Alignment

As topographical investigations indicated that a ridge to gap ratio of 1.4 at 500 nm depth

and a ridge to gap ratio of 1.5 at 1000 nm depth both gave significant increase in collagen

alignment, it was still unclear whether ratio or depth was the largest influence on collagen

matrix assembly. Nine surfaces, with ratios of 1.2, 1.4 and 1.6 each with depths of 500,

750 and 1000 nm, were investigated to look at collagen alignment more in depth. Focused

ion beam milling was used to create the patterned surfaces, however the accuracy of the

beam created surfaces with a ratio of 1.3 instead of 1.2.

Figure 5.13 shows SEM images of collagen deposited onto all nine surfaces. It can

be seen that there are high levels of alignment on all surfaces with a ratio of both 1.3

and 1.4. However, it seems that collagen deposited onto the surface with a ratio of 1.6

were not so readily aligned in the perpendicular direction. It seems that less collagen

overall grew across the gap and instead distinct globular areas of aggregation appear at

the ridge edges.

Quantification confirmed that perpendicular alignment of collagen was preferred on

surfaces with a ridge to gap ratio of 1.3 and 1.4. As there was no significant difference

in percentage of fibrils aligned to the perpendicular between each depth, we can conclude

that ratio is the greatest influential factor. All surfaces still had a significant increase in
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collagen alignment in comparison to that of the control.

Figure 5.13: SEM images taken of collagen aligned on patterns with ridge to gap ratios of 1.3,
1.4 and 1.6 at depths of 500, 750 and 1000 nm to see whether ridge to gap ratio or depth is
more influential for collagen alignment. Scale bar is 5 µm.
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Figure 5.14: Quantification of percentage of fibrils aligned between 80 - 110◦ of the ridge edge.
Alignment measured from SEM images of varying concentrations of collagen deposited onto
pattern structures with an RTG ratio of (A) 1.3 (B) 1.4 and (C) 1.6. As there is no significant
difference between the perpendicular alignment of collagen with respect to the depth we can
conclude that ridge to gap ratio is the most influential factor in collagen alignment. N = 75
across 3 biological samples. Error bars refer to ± standard deviation.

5.4 Discussion

The chemical and physical environment in which collagen assembles influences its ori-

entation. Surface chemistry was investigated to determine whether this had an overall

influence on collagen assembly. Although multiple surface chemistries were investigated

(Silicon wafer, PDMS, PDMSPlamsa, PDMSAu and PDMSAPTES) there was no overall

influence on collagen orientation. There was a significant increase in collagen orientation

in the perpendicular direction with gold sputtercoated PDMS, which during sputtercoat-

ing formed an uneven layer. This layer created a topographical structure, which may have

influenced the collagen assembly. Therefore, topographical influence was investigated us-

ing the same surface material (to maintain similar surface chemistry).

A surface pattern created from a series of ridges and grooves (gaps) ranging in di-
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mensions in the nanoscale (550-1000 nm in width, 200-1000 nm in depth) were created to

determine collagen alignment. The surfaces were FIB-milled all with various RTG ratios.

When collagen was deposited on the surface, it was found that it preferentially aligned

perpendicular rather than parallel to the ridge/gap. It was found that an RTG ratio of

1.4 and gap depth of 500 nm and an RTG ratio of 1.5 and gap depth of 1000 nm gave

the highest percentage of aligned collagen fibrils. To ensure that any alignment changes

were not due to collagen concentration, collagen was deposited onto both surfaces at

concentrations ranging from 0.5 – 1.5 mg mL−1.

The surface with an RTG ratio of 1.5 was found to be the most consistent with fibril

assembly and so was used to determine cellular alignment. Although previous experi-

ments used a silicon wafer surface, this would not be sufficient for cellular imaging and

analysis due to its opaqueness. Therefore, the surface pattern was recreated in IP-DIP, a

biocompatible high-resolution photoresist. IP-DIP also allowed for a high level of collagen

alignment in the perpendicular direction, with orientation being more statistically signifi-

cant (P ≤ 0.001) than that of silicon. It was still unclear, however, whether this alignment

of collagen caused a change in the alignment of fibroblast cytoskeleton. Although visually

there seems to be an increase in random cytoskeleton orientation with the presence of

collagen, the surface area (100 x 100 µm2) of the patterned IP-DIP was not sufficient to

quantify alignment. Until this is repeated with a larger surface area of patterning, cellular

alignment cannot be determined.

To fully understand whether depth or ratio had a more significant influence on col-

lagen orientation, a smaller range of surface patterns were investigated. These surfaces

indicated that RTG ratio had a larger influence on collagen alignment than depth of the

gap. Overall, it was clear that RTG ratio caused a high percentage of collagen to align

perpendicularly to the ridge edge.

Multiple studies have shown that a topographical surface consisting of ridges and

grooves can orientate cells [331–334]. Patterned surfaces cause cells to orientate along the

axis of the ridge using a phenomenon called contact guidance. This guidance is linked to

129



the orientation of intracellular matrix and deposited collagen, causing both to also align

with the patterned surface [332, 334]. Although this has predominantly been shown to

cause parallel alignment to the ridge edge, there are studies which have found that cells

align perpendicular to repeating topographies if the dimensions are within the nanoscale

(400–1200 nm) [333, 335].

It is theorised that discontinuities on the grooved surface cause the ECM to adsorb onto

the surface, aligning attachment points and causing the contact guidance [331]. The edges

of the ridges create mechanical grips allowing the cell and potentially collagen to adhere

and force both to orientate and align in a preferential direction [335]. As the length of the

collagen microfibril is much greater than that of any of the gap widths (all ≤ 1000 nm),

it may be more energetically favourable for the collagen microfibrils to lay across the gap

(perpendicular) rather than along it (parallel). However, there is currently very little

understanding as to how collagen aligns with topographical patterning, especially when

the alignment is perpendicular to the ridge edge. Although the mechanism is yet to be

understood, changes in the surface energy because of interactions with both a solid surface

and liquid (due to alternating ridge and gap interactions) could cause a repeating change

in hydrophobicity and hydrophilicity which influences and guides the collagen orientation.

As there is guaranteed perpendicular alignment of collagen, a patterned surface of this

nature could be used as a wound dressing to treat corneal scarring from laceration. Blind-

ness as a result of corneal scarring is due to the random orientation of newly deposited

ECM in an inflamed environment. As the function and transparency of the cornea is

closely linked to the organisation of corneal epithelial cells, dictated by the ECM, it is

essential that during wound repair the ECM remains a replica of the surrounding native

tissue. In this way, topographical surfaces as shown within the chapter could dictate

and force the direction of newly deposited ECM in one direction. This would directly

manipulate cell orientation and therefore reduce the likelihood of a malformed corneal

epithelium. Overall, this would result in a reduction of scarring and reduction in the

likelihood of scar induced blindness.
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5.5 Conclusion

In conclusion, it is clear that the substrate on which collagen is deposited has a large

impact on orientation. Although surface chemistry seems to have little influence on col-

lagen orientation, it is clear that specific patterning causes an increase in percentage

alignment in a perpendicular orientation from a ridge edge. An RTG ratio of between

1.3 – 1.5 caused an increase in percentage alignment, regardless of the depth of the gap.

Perpendicular collagen alignment resulted in a potential randomisation of fibroblast cy-

toskeleton alignment, as indicated from fluorescent and brightfield staining. Although

it is still unclear as to whether the alignment of collagen influences cellular alignment,

nanoscale topographical structures can still be used to orientate collagen. This could

allow for tailored assembly of other ECM proteins. This can be used to treat ailments

such as scar induced corneal blindness, a tissue which requires highly ordered ECM to

maintain both transparency and function. Overall, the use of topographical structures

to manipulate ECM orientation and alignment can be used to obtain highly specialised,

tissue specific wound dressings.
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CHAPTER 6

CONCLUSIONS AND FUTURE ASPECTS

6.1 Chapter Summary and Future Perspectives

6.1.1 Influence of Cobalt Ions on Collagen Assembly

When investigating the influence of cobalt ions on collagen assembly it was clear that

cobalt disrupted the self-assembly process of collagen. Cobalt ions caused an increase

in heterogeneity of the collagen matrix resulting in a reduction in bulk matrix stiffness.

Cobalt ions also aggregated in clusters, causing an increase in collagen concentration in

certain areas, further increasing the heterogeneity of the matrix. This change in matrix

structure prevented cells seeded onto the doped collagen surface to proliferate and grow,

decreasing cell viability. The energy required to remove bulk water from the collagen

network was also reduced with the presence of cobalt. This was attributed to cobalt

interacting with the C-terminal of the collagen, blocking crucial hydration and helix sta-

bilising binding sites.

Cobalt ions were investigated as they are the most abundant ion to be released from

common metal-on-metal implants. The work investigated within Chapter 3 emphasises

how important it is to test medical devices in a 3-dimensional environment, taking care

to investigate how devices influence the extracellular matrix.

To further test how metal-on-metal implants influence a collagen matrix, wear particles

corroded from metal-on-metal implants should be incorporated into the collagen hydrogel.
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Characterisation of the collagen matrix, through density AFM images and rheology, with

wear debris present will provide a deeper understanding of how these implants influence

the most common protein within the extracellular matrix. It would also be beneficial to

see how any changes to the collagen, caused by the presence of wear particles, would again

influence cellular growth and proliferation. As the wear particles would contain multiple

inorganic ions, not just cobalt, so a more succinct overview of how unexpected necrosis

from implants is occurring can be established.

To fully understand how the ECM is influenced by wear debris in vivo, characteri-

sation of ECM produced from fibroblasts in the presence of debris would be beneficial.

Fibroblasts could be grown in the presence of low (≤ 133 ppm) concentration wear debris

until they produce a matrix. This could then be characterised in the same way collagen

was characterised in Chapter 3 to establish any changes in density, stiffness and inorganic

ion accumulation in newly synthesized matrix. This would give the most accurate in vitro

model for how metal-on-metal implants effect the ECM.

This approach could be implemented on a range of individual ions and wear particles

from other metal implants. For example, dental implants are predominately made of

titanium alloys, most specifically Ti-6Al-4V (6% aluminium and 4% vanadium) [336]. The

influence of these materials on the surrounding 3-dimensional extracellular environment

could be tested as cobalt-collagen was tested. To continue using titanium dental implants

as an example, newer studies are also trying to combat bacterial infection. This has

been investigated by either changing the topography of the surfaces [337] or by changing

the chemical composition of the material [338, 339]. These changes could again be tested

against collagen to understand whether they will cause any unexpected detrimental effects

on the extracellular matrix.

6.1.2 Calcium and Phosphate Influence on Collagen Formation

Calcium and phosphate had detrimental effects on collagen formation from the nano- to

the macro-scale. Calcium and phosphate changed the conformational structure of the
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collagen triple helix, resulting in a reduction in collagen molecule size. With the addition

of calcium this resulted in a reduction in fibrillogenesis, predominately the rate of fibril

formation. Changes to the collagen molecule by phosphate were less significant, which

meant that the fibrillogenesis process was not affected. When calcium and phosphate were

combined, there was no change in molecule conformation, a non-significant reduction in

molecule size and a slight reduction in fibrillogenesis. This indicates that when both

ions are present in the medium, they interact with each other as well as the collagen

causing a reduction in the detrimental effects of each ion alone. Calcium phosphate ratios

mimicking that of physiological HA further confirmed this, with no change to the rate

of fibril formation but an increase in fibril-fibril interaction. This was hypothesised to

be due to the sizes of the individual ions and how this compared to a Posner cluster

(cluster of both calcium and phosphate). Posner clusters are five times the size of a

calcium/phosphate ion. By assuming that both interact with the surface of a collagen

molecule, a smaller ion would cause a more significant bend in the triple helix over a

larger ion or complex. In this way, calcium and phosphate ions are able to cause a change

in molecule conformation, leading to changes in fibrillogenesis, but a larger Posner cluster

would not.

Although this chapter focussed on the underlying mechanisms behind how calcium,

phosphate and calcium phosphate influenced collagen assembly, there were no investi-

gations into how this effected matrix mechanics. Experiments measuring the rheological

properties of the collagen matrix in the presence of each ion and calcium phosphate would

give insight into how the mechanics of early stage collagen mineralisation change. As cal-

cium causes a significant decrease in fibrillogenesis, it can be inferred that it would also

cause a reduction in matrix stiffness. Nanoindentation measurements, looking at the me-

chanics of individual fibrils, would also give an in-depth assessment of how changes to the

molecular structure are affecting fibril stiffness and compression on a localised scale.

Transmission electron microscopy (TEM) could be implemented to further investigate

the interaction sites of each of the ions. Investigations in Chapter 4 indicate that there
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are 6000 potential binding sites for calcium or phosphate, with ions interacting on the

surface of the molecule. By forming collagen in excess CaCl2, PO4 and Ca:PO4, without

a cross-linking agent (NaOH), and imaging under TEM, interaction sites could be visu-

alised. Investigations in this chapter also show that fibril formation ends at approximately

35 mins, from physiological calcium phosphate ratios, and full matrix assembly ends at

120 mins. Taking images of collagen in excess CaCl2, PO4 and Ca:PO4, removed from

incubation at these crucial times, would give insight into where these ions and Posner

clusters are accumulating on the fibrils. Furthermore, it would show how they interact

with collagen during the fibril formation stage.

Compression of the collagen matrix to remove excess water and create a denser matrix

could also be investigated for visualisation of the collagen network via AFM and SEM

imaging. Compression of collagen hydrogels results in the formation of a denser network

without compromise of fibril formation and assembly [340]. This may give more accurate

quantitative data regarding collagen characteristics such as fibril diameter and D-spacing.

This would give clearer insight into how each ion is influencing fibril formation and matrix

assembly.

No cellular experiments were conducted within Chapter 4, so the influence of these

matrix changes on cellular formation, caused by CaCl2, PO4 and Ca:PO4, has not been

investigated. It would be important to understand how these changes in matrix formation

influence proliferation and viability of cells seeded onto the surface of the doped collagen

hydrogel. Analysis could be conducted in the same way as in Chapter 3. It would also be

important to see how cells proliferate when incorporated into a collagen matrix in excess

CaCl2, PO4 and Ca:PO4. This may allow for more insight into early stage collagen miner-

alisation, especially when using physiological ratios of Ca:PO4. Environmental scanning

electron microscopy (ESEM) would be able to image cells and their interaction with the

doped collagen matrix, without the need for cell fixation or damage. EDS could also be

used alongside ESEM to establish which part of the mineral is interacting with both the

cell and the collagen, and in turn how it interacts with any newly deposited ECM [341].
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6.1.3 Topographical Influence on Collagen Assembly

When investigating the influence of surface properties on collagen assembly, it was ini-

tially clear that surface free energy was not a contributing factor. Both hydrophilic and

hydrophobic surfaces were investigated, and, although hydrophobic surfaces influenced

the formation of collagen fibrils, the orientation of collagen fibrils was still randomised.

However, the self-assembled layer caused by gold on a PDMS surface alluded that to-

pography may have a larger influence on collagen fibril orientation. Investigations into

nano-topography concluded that a ridge to gap (RTG) ratio of 1.4 and 1.5 with gap depth

of 500 and 1000 nm respectively resulted in a reproducible perpendicular alignment of col-

lagen to the ridge edge. Further studies revealed that only the surface with an RTG ratio

of 1.5 was unaffected by collagen concentration. These optimal parameters were then im-

printed onto IP-DIP (a high resolution, biocompatible photoresist) to investigate how the

perpendicular alignment of the collagen fibrils influenced cellular alignment. Although

it was unclear, the presence of collagen potentially caused an increase in randomisation

of cytoskeleton alignment. Deeper investigations into whether RTG ratio or depth was

the most influential factor concluded that RTG ratio was the driving force behind the

perpendicular alignment, with an RTG ratio of 1.3-1.5 causing the highest percentage of

fibril alignment.

The largest limitation within this investigation was the size of the patterned surface

area and the size of the pattern parameters. It is essential that a larger surface area

is investigated before exploring other avenues. A larger patterned surface area, ideally

≥ 0.25 mm2, would allow for SFE characterisation of the patterned surface. SFE is de-

pendent on any surface roughness or topography, so therefore there will be a difference

in SFE of the patterned and non-patterned surfaces [342]. By measuring SFE for a large

patterned surface area, more insight may be achieved into why the fibrils are orientating

within a perpendicular direction. A larger surface area would also allow for cellular cy-

toskeleton quantification to determine whether collagen alignment can influence cellular

alignment in this way. Phalloidin staining was sufficient to determine cytoskeleton orien-
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tation, however DAPI also stained the IP-DIP surface, indicating that potentially a lower

concentration might be more appropriate. Once cellular experiments have been under-

taken for the same nano-parameters used within previous experiments, investigations into

the RTG ratio can start.

As RTG ratio was the most influential parameter, it would be crucial to investigate

whether a similar percentage of perpendicularly aligned collagen fibrils can be achieved

when scaling up the topographical pattern. The biggest limitation within Chapter 5

was the difficulty in printing reproducible nano-patterns in a range of materials. If high

percentages of perpendicular collagen alignment can be achieved with larger structures,

which maintain an RTG ratio of 1.3-1.5, then this alignment phenomenon could be used

within a medical device.

To further analyse how these surfaces influence cellular alignment, live cell imaging

could be implemented. This process involves the accumulation of multiple brightfield

images over a range of time, giving insight into early stage interaction between the cells,

collagen and the surface. Imaging using polarising light would also allow for an in-depth

analysis of how cells migrate over these surfaces with and without the presence of collagen.

This would give a robust model of how these surfaces would act in vivo.

This level of collagen alignment caused by the repeating pattern could be used as a

medical device to combat blindness as a result of a corneal laceration. When a wound

within the eye begins to heal, a scar can form. This scar causes scattering of light within

the cornea, resulting in the surface becoming opaque and leaving the patient blind. If

a medical device is created that would improve the alignment of collagen during the

wound healing stage in a perpendicular direction, there would likely be a reduction in the

formation of a debilitating scar.

To turn the current topographical surface into a product, a material that could be

patterned and curved would need to be investigated. Contact lenses are most commonly

made of silicone- or polymer-hydrogels. The manufacturing of these gels can be altered,

with parameters such as oxygen permeability, wettability, water content, lens thickness
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and mechanical properties being the main constituents required for a contact lens [343].

Creating a material that could be used as a contact lens with the RTG ratio of 1.3-1.5

etched onto the curved surface would be a substantial development in creating a useable

product. This would be made easier if a scaled up ratio had already been established,

residing more within the micro-scale rather than the nano-scale. Analysis of collagen

alignment on a curved surface could be achieved through SEM imaging of sections of the

surface, however this would not give the clearest overview. By cutting slits within the

sides of the curved surface, the surface could be flattened, allowing for SEM imaging.

Staining of the collagen with PicroSirius red would also allow for brightfield imaging,

capturing both the direction of the pattern and the direction of the collagen [344].

It would also be beneficial to understand how these surfaces influence newly synthesised

ECM. Growing cells on the patterned surfaces until they produce ECM would give further

insight into how the surfaces would act in vivo. Fluorescent staining of collagen, and other

ECM proteins, such as fibronectin, would establish whether newly synthesised ECM also

aligns perpendicularly to the ridge edge and whether it is at the same high percentage.

To further model wound healing, these cells could be placed in an inflamed environment

to mimic rapid ECM deposition. Analysis of the ECM could be achieved as before,

through fluorescent imaging, live cell imaging and brightfield imaging using stains such as

PicroSirius red. A comparison of this to the alignment of ECM from cells in a controlled

environment would give insight as to whether these surfaces would be a suitable medical

device to help combat blindness caused from corneal scarring.

It is still unclear what the underlying mechanism causing perpendicular alignment of

collagen fibrils over these nanopatterns. Therefore, it would be important to try and com-

putationally model how the collagen molecules interact with these structures. Molecules

should be investigated initially, as when the solution is deposited onto the surface the

collagen has not yet self-assembled, meaning the initial interaction is that of collagen

molecules and the surface. It should be assumed that the molecules are interacting with

both a solid and a liquid due to the space within the gaps. Initial assumptions should
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be made by modelling the molecules as stiff rods or cylinders, reducing the complications

within the problem. Although they are flexible, for this purpose assuming they are solid

rods would be sufficient. Multiple collagen molecule rods should then be introduced to see

how they interact with each other as well as the underlying pattern. Ideally, modelling

the full process would account for the liquid medium that the collagen molecules are being

deposited in, that they are being dropped onto the patterned surface and that they are

interacting across multiple phases; solid and liquid.

6.2 Overall Conclusion

Collagen is a hierarchical protein and can therefore be influenced at multiple stages of

assembly. The environment in which collagen forms highly affects the alignment, orien-

tation and fibril formation. Within this thesis, the chemical environment in which the

collagen matrix forms has been investigated. It emphasises how complexes of certain ions

can have no effect on collagen formation or matrix assembly, yet when ions present within

the complex interact individually, there can be detrimental effects. It also shows how

not only the chemical environment, but the physical environment plays a crucial role in

collagen orientation and alignment. It showcases how surface patterns with specific RTG

ratios can cause a perpendicular (to the ridge edge) percentage alignment of ≤ 60 %.

This concludes that collagen can be manipulated through a combination of chemical and

physical parameters to mimic that of native tissue. This is extremely important dur-

ing the wound healing phase, as debilitating scars, caused from misaligned collagen, can

be eradicated by exposing the newly synthesised collagen to parameters which will force

formation, orientation and alignment to match that of the surrounding native tissue.
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CHAPTER 7

APPENDIX I

Enclosed within this appendix is a list of supplementary figures relating to
data found in Chapter 4.
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Figure 7.1: Fibrillogenesis profiles used to calculate growth phase measurements (only average
shown). (A) Control collagen, (B) potassium chloride, (C) calcium chloride, (D) magnesium
chloride, (E) sodium chloride, (F) sodium carbonate, (G) sodium sulphate, (H) sodium acetate.
tlag refers to the lag time, tp refers to the time point when the plateau time begins and ∆t refers
to the time at which collagen fibril formation ends. N = 3.
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Figure 7.2: Fibrillogenesis profiles indicating how growth phase was measured for decreasing
ratios of Ca:PO4. (A) Ca:PO4 1:1, (B) Ca:PO4 1:0.75, (C) Ca:PO4 1:0.5, (D) Ca:PO4 1:0.25,
(E) Ca:PO4 1:0.125, (F) Ca:PO4 1:0.0625, (G) Ca:PO4 1:0.03125. tlag refers to the lag time,
tp refers to the time point when the plateau time begins and ∆t refers to the time at which
collagen fibril formation ends. N = 3.
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Figure 7.3: Fibrillogenesis profiles indicating how growth phase was measured for (A) CaCl2,
(B) NaCl, (C) NaCl + CaCl2, (D) sodium phosphate, and (E) Ca:PO4 1:1. tlag refers to the
lag time, tp refers to the time point when the plateau time begins and ∆t refers to the time at
which collagen fibril formation ends. N = 3.

Figure 7.4: Fibrillogenesis profiles indicating how growth phase was measured for collagen
doped with (A) EDTA and (B) Ca:EDTA. tlag refers to the lag time, tp refers to the time point
when the plateau time begins and ∆t refers to the time at which collagen fibril formation ends.
N = 3.
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Figure 7.5: Fibrillogenesis profiles indicating how growth phase was measured for collagen
doped with a higher concentration of Ca (2 mM), (A) Ca:PO4 1:0, (B) Ca:PO4 1:0.6, and (C)
Ca:PO4 1:1.. tlag refers to the lag time, tp refers to the time point when the plateau time begins
and ∆t refers to the time at which collagen fibril formation ends. N = 3.

Figure 7.6: Control indicating that the addition of both sodium chloride (NaCl) and calcium
chloride (CaCl2) does not result in any change in fibrillogenesis. N = 3, error bars refer to ±
standard deviation.

144



Figure 7.7: Fibrillogenesis assays indicating that changing the anion does not result in a change
in fibrillogenesis profile. (A) NaCl, (B) Na2CO3, (C) Na2SO4, (D) C2H3NaO2. N = 3, error
bars refer to ± standard deviation.
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Figure 7.8: (A) Growth phase measurements for anion experiments. Plateau measurements for
(B) cations and (C) anions. N = 3, error bars refer to ± standard deviation.
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Figure 7.9: (A) AFM images of collagen and excess NaCl, Na2CO3, Na2SO4, C2H3NaO2. (B)
Fibril diameter measured from triplicates of each AFM images. *** refers to a P value ≤ 0.001.
N = 75 across 3 biological samples. Error bars refer to ± standard deviation.
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Figure 7.10: Examples of how measurements of fibrils were taken from AFM images to de-
termine fibril diameter. Lines drawn across fibrils, on AFM images acquired from triplicate
samples, were measured in ImageJ at random in order to establish mean fibril diameter and
standard deviation. N = 75 across 3 biological samples.
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Figure 7.11: Fibrillogenesis profiles for decreasing ratios of Ca:PO4. (A) Ca:PO4 1:1, (B)
Ca:PO4 1:0.75, (C) Ca:PO4 1:0.5, (D) Ca:PO4 1:0.25, (E) Ca:PO4 1:0.125, (F) Ca:PO4 1:0.0625,
(G) Ca:PO4 1:0.03125. N = 3, error bars refer to ± standard deviation.
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Figure 7.12: Circular dichroism (CD) titration of calcium chloride (CaCl2) and sodium phos-
phate (Na:PO4) added at large volumes to collagen to determine approximate number of surface
binding sites of each molecule. CD measurements for the peak at 221 nm (A) and for 197 nm
(B). To further gain the number of available binding sites for CaCl2 and Na:PO4 more mea-
surements in a smaller range were taken. (C) CD measurements for the peak at 221 nm for the
smaller range. (D) CD measurements for the peak at 197 nm for the smaller range. N = 3.

150



CHAPTER 8

APPENDIX II

Enclosed within this appendix is a list of supplementary figures relating to
data found in Chapter 5.
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Figure 8.1: Fluorescent images of corneal fibroblasts cultured onto patterned and non-patterned
IP-DIP in the presence of collagen. Three culture repeats were imaged with a total of four
patterns per repeat. Two patterns within repeat 1 were lost in the cell fixing process. Red
staining is Phalloidin and blue staining is DAPI. DAPI stained the IP-DIP pattern very strongly
preventing the visualization of cellular DNA. Scale bar is 150 µm.
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Figure 8.2: Brightfield images of corneal fibroblasts cultured onto patterned and non-patterned
IP-DIP in the presence of collagen. Three culture repeats were imaged with a total of four
patterns per repeat. Two patterns within repeat 1 were lost in the cell fixing process. Scale bar
is 150 µm.
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Figure 8.3: Fluorescent and brightfield images of corneal fibroblasts cultured onto patterned
and non-patterned IP-DIP without the presence of collagen. Although there were three culture
repeats seeded, only two pattern repeats from one culture repeat was not lost in the cell fixing
and washing process. Red staining is Phalloidin and blue staining is DAPI. Scale bar is 150 µm.
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CHAPTER 9

APPENDIX III

A version of Chapter 3 has been previously published in ACS Omega.

Emma M. McCarthy, Hayley Floyd, Owen Addison, Zhenyu J. Zhang, Pola Gold-

berg Oppenheimer, Liam M. Grover. Influence of Cobalt Ions on Collagen Gel Forma-

tion and Their Interaction with Osteoblasts. ACS Omega, 3(8):10129-10138, 2018. doi:

10.1021/acsomega.8b01048

A copy of this can be found enclosed:

155



156



157



158



159



160



161



162



163



164



165



LIST OF REFERENCES

[1] Goodsell DS, RCSB PDB. Collagen. RCSB Protein Data Bank. 2000 apr;Available

from: http://pdb101.rcsb.org/motm/4https://creativecommons.org/

licenses/by/4.0/legalcode.

[2] Malhotra V, Erlmann P. The Pathway of Collagen Secretion. Annual Review of

Cell and Developmental Biology. 2015 nov;31(1):109–124. Available from: http:

//www.annualreviews.org/doi/10.1146/annurev-cellbio-100913-013002.

[3] Fang M, Goldstein EL, Turner AS, Les CM, Orr BG, Fisher GJ, et al. Type i

collagen D-spacing in fibril bundles of dermis, tendon, and bone: Bridging between

nano- and micro-level tissue hierarchy. ACS Nano. 2012 nov;6(11):9503–9514.

[4] Hughes EAB, Robinson TE, Bassett DB, Azoidis I, Cox SC, Grover LM. Critical

and Diverse Roles of Phosphates in Human Biomineralisation Processes. Under

Review. 2019;.

[5] Frantz C, Stewart KM, Weaver VM. The extracellular matrix at a glance. Journal

of Cell Science. 2010;123(24):4195–200. Available from: http://jcs.biologists.

org/content/123/24/4195.

[6] Venstrom KA, Reichardt LF. Extracellular matrix. 2: Role of extracellular ma-

trix molecules and their receptors in the nervous system. FASEB journal : of-

ficial publication of the Federation of American Societies for Experimental Biol-

ogy. 1993 aug;7(11):996–1003. Available from: http://www.ncbi.nlm.nih.gov/

pubmed/8370483.

[7] Bonnans C, Chou J, Werb Z. Remodelling the extracellular matrix in development

and disease. Nature Reviews Molecular Cell Biology. 2014 nov;15(12):786–

801. Available from: http://www.ncbi.nlm.nih.gov/pubmed/25415508http:

//www.pubmedcentral.nih.gov/articlerender.fcgi?artid=PMC4316204http:

//www.nature.com/doifinder/10.1038/nrm3904.

166



[8] Yanagishita M. Function of proteoglycans in the extracellular matrix. Acta patho-

logica japonica. 1993 jun;43(6):283–93. Available from: http://www.ncbi.nlm.

nih.gov/pubmed/8346704.

[9] Schultz GS, Wysocki A. Interactions between extracellular matrix and growth fac-

tors in wound healing. Wound Repair and Regeneration. 2009 mar;17(2):153–162.

Available from: http://doi.wiley.com/10.1111/j.1524-475X.2009.00466.x.

[10] Khan Academy. The extracellular matrix and cell wall (ar-

ticle) — Khan Academy;. Available from: https://

www.khanacademy.org/science/biology/structure-of-a-cell/

cytoskeleton-junctions-and-extracellular-structures/a/

the-extracellular-matrix-and-cell-wall.

[11] Mouw JK, Ou G, Weaver VM. Extracellular matrix assembly: a multiscale

deconstruction. Nature Reviews Molecular Cell Biology. 2014 nov;15(12):771–

785. Available from: http://www.ncbi.nlm.nih.gov/pubmed/25370693http:

//www.pubmedcentral.nih.gov/articlerender.fcgi?artid=PMC4682873http:

//www.nature.com/doifinder/10.1038/nrm3902.

[12] Jarvelainen H, Sainio A, Koulu M, Wight TN, Penttinen R. Extracellular Matrix

Molecules: Potential Targets in Pharmacotherapy. Pharmacological Reviews. 2009

jun;61(2):198–223. Available from: http://www.ncbi.nlm.nih.gov/pubmed/

19549927http://www.pubmedcentral.nih.gov/articlerender.fcgi?artid=

PMC2830117http://pharmrev.aspetjournals.org/cgi/doi/10.1124/pr.109.

001289.

[13] Schaefer L, Schaefer RM. Proteoglycans: from structural compounds to

signaling molecules. Cell and Tissue Research. 2010 jan;339(1):237–246.

Available from: http://www.ncbi.nlm.nih.gov/pubmed/19513755http://link.

springer.com/10.1007/s00441-009-0821-y.
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Mesenchymal stem cells in the aseptic loosening of total joint replace-

ments. Journal of biomedical materials research Part A. 2017;105(4):1195–1207.

Available from: http://www.ncbi.nlm.nih.gov/pubmed/27977880http://www.

pubmedcentral.nih.gov/articlerender.fcgi?artid=PMC5531266.

[266] Hay ED. Cell biology of extracellular matrix;. Available from: https:

//books.google.co.uk/books?hl=en{\&}lr={\&}id=uwPTBwAAQBAJ{\&

}oi=fnd{\&}pg=PA2{\&}dq=extracellular+matrix+function{\&}ots=

FHORottmb1{\&}sig=wb1KCCjAb7Xa1F{\_}tZSmPp3klpqQ{\#}v=onepage{\&

}q=extracellularmatrixfunction{\&}f=false.

[267] Hynes RO. The extracellular matrix: not just pretty fibrils. Sci-

ence (New York, NY). 2009 nov;326(5957):1216–9. Available from:

http://www.ncbi.nlm.nih.gov/pubmed/19965464http://www.pubmedcentral.

nih.gov/articlerender.fcgi?artid=PMC3536535.

[268] Daley WP, Yamada KM. ECM-modulated cellular dynamics as a driving

force for tissue morphogenesis. Current Opinion in Genetics & Develop-

ment. 2013 aug;23(4):408–414. Available from: http://www.ncbi.nlm.nih.

gov/pubmed/23849799http://www.pubmedcentral.nih.gov/articlerender.

fcgi?artid=PMC3780589http://linkinghub.elsevier.com/retrieve/pii/

S0959437X13000828.

[269] Mayne R, Burgeson RE. Structure and function of collagen types. Academic Press;

1987.

[270] Dobbs HS, Minski MJ. Metal ion release after total hip replacement. Biomate-

rials. 1980 oct;1(4):193–198. Available from: https://www.sciencedirect.com/

science/article/pii/0142961280900162.

196



[271] Socrates G. Infrared and raman characteristic group frequencies : tables and

charts. John Wiley & Sons; 2007. Available from: https://www.wiley.com/

en-gb/Infrared+and+Raman+Characteristic+Group+Frequencies{\%}3A+

Tables+and+Charts{\%}2C+3rd+Edition-p-9780470093078.

[272] Mason EF, Rathmell JC. Cell metabolism: An essential link between

cell growth and apoptosis. NIH Public Access; 2011. Available from:

http://www.ncbi.nlm.nih.gov/pubmed/20816705http://www.pubmedcentral.

nih.gov/articlerender.fcgi?artid=PMC3010257.

[273] Wertz DL, Kruh RF. X-Ray Diffraction Study of Some Concentrated Cobalt(II)

Chloride Solutions. The Journal of Chemical Physics. 1969 may;50(10):4313–4317.

Available from: http://aip.scitation.org/doi/10.1063/1.1670896.

[274] Bella J, Brodsky B, Berman HM. Hydration structure of a colla-

gen peptide. Structure. 1995 sep;3(9):893–906. Available from: http:

//www.ncbi.nlm.nih.gov/pubmed/8535783http://linkinghub.elsevier.

com/retrieve/pii/S0969212601002246.

[275] Larkin PPJ. Infrared and Raman spectroscopy : principles and spectral interpreta-

tion;.

[276] Frushour BG, Koenig JL. Raman scattering of collagen, gelatin, and elastin.

Biopolymers. 1975 feb;14(2):379–391. Available from: http://www.ncbi.nlm.nih.

gov/pubmed/1174668http://doi.wiley.com/10.1002/bip.1975.360140211.

[277] Birdi-Chouhan G, Shelton RM, Bowen J, Goldberg-Oppenheimer P, Page SJ, Hanna

JV, et al. Soluble silicon patterns and templates: calcium phosphate nanocrystal de-

position in collagen type 1. RSC Advances. 2016 oct;6(102):99809–99815. Available

from: http://xlink.rsc.org/?DOI=C6RA19784A.

[278] Tzaphlidou M. Bone architecture: collagen structure and calcium/phosphorus

maps. Journal of biological physics. 2008 apr;34(1-2):39–49. Available from:

http://www.ncbi.nlm.nih.gov/pubmed/19669491http://www.pubmedcentral.

nih.gov/articlerender.fcgi?artid=PMC2577747.

[279] Viguet-Carrin S, Garnero P, Delmas PD. The role of collagen in bone

strength. Osteoporosis International. 2006 mar;17(3):319–336. Available from:

http://www.ncbi.nlm.nih.gov/pubmed/16341622http://link.springer.com/

10.1007/s00198-005-2035-9.

197



[280] Zhang W, Huang ZL, Liao SS, Cui FZ. Nucleation Sites of Calcium Phosphate

Crystals during Collagen Mineralization. Journal of the American Ceramic Society.

2003 jun;86(6):1052–1054. Available from: http://doi.wiley.com/10.1111/j.

1151-2916.2003.tb03422.x.

[281] Reddi AH. Cell Biology and Biochemistry of Endochondral Bone Development.

Collagen and Related Research. 1981 feb;1(2):209–226. Available from: https:

//www.sciencedirect.com/science/article/pii/S0174173X81800210.

[282] Nudelman F, Pieterse K, George A, Bomans PHH, Friedrich H, Brylka LJ, et al.

The role of collagen in bone apatite formation in the presence of hydroxyapatite

nucleation inhibitors. Nature Materials. 2010 dec;9(12):1004–1009. Available from:

http://www.nature.com/articles/nmat2875.

[283] Nancollas GH. The mechanism of biological mineralization. Journal of Crystal

Growth. 1977 dec;42:185–193. Available from: https://www.sciencedirect.com/

science/article/pii/0022024877901944.

[284] Rodrigues CVM, Serricella P, Linhares ABR, Guerdes RM, Borojevic R, Rossi MA,

et al. Characterization of a bovine collagen–hydroxyapatite composite scaffold for

bone tissue engineering. Biomaterials. 2003 dec;24(27):4987–4997. Available from:

https://www.sciencedirect.com/science/article/pii/S0142961203004101.

[285] Gebauer D, Cölfen H. Prenucleation clusters and non-classical nucleation. Nano

Today. 2011 dec;6(6):564–584. Available from: https://www.sciencedirect.com/

science/article/pii/S1748013211001174.

[286] Christoffersen J, Landis WJ. A contribution with review to the description of

mineralization of bone and other calcified tissues in vivo. The Anatomical Record.

1991 aug;230(4):435–450. Available from: http://doi.wiley.com/10.1002/ar.

1092300402.

[287] Kay MI, Young RA, Posner AS. Crystal Structure of Hydroxyapatite. Nature. 1964

dec;204(4963):1050–1052. Available from: http://www.nature.com/articles/

2041050a0.

[288] Kanzaki N, Treboux G, Onuma K, Tsutsumi S, Ito A. Calcium phosphate clus-

ters. Biomaterials. 2001 nov;22(21):2921–2929. Available from: https://www.

sciencedirect.com/science/article/pii/S0142961201000394.

198



[289] Robey PG. Vertebrate Mineralized Matrix Proteins: Structure and Function.

Connective Tissue Research. 1996 jan;35(1-4):131–136. Available from: http:

//www.tandfonline.com/doi/full/10.3109/03008209609029183.

[290] Mann S. Mineralization in biological systems. In: Inorganic Elements in Biochem-

istry. Berlin, Heidelberg: Springer Berlin Heidelberg; 1983. p. 125–174. Available

from: http://www.springerlink.com/index/10.1007/BFb0111320.

[291] Tenenhouse HS. REGULATION OF PHOSPHORUS HOMEOSTA-

SIS BY THE TYPE IIA NA/PHOSPHATE COTRANSPORTER. An-

nual Review of Nutrition. 2005 aug;25(1):197–214. Available from:

http://www.ncbi.nlm.nih.gov/pubmed/16011465http://www.annualreviews.

org/doi/10.1146/annurev.nutr.25.050304.092642.

[292] Calcium and Phosphorus Metabolism: R and D Systems; 2007.

Available from: https://www.rndsystems.com/resources/technical/

calcium-phosphorus-metabolism{\#}phosphorus.

[293] EANES ED, GILLESSEN IH, POSNER AS. Intermediate States in the Precip-

itation of Hydroxyapatite. Nature. 1965 oct;208(5008):365–367. Available from:

http://www.nature.com/articles/208365a0.

[294] Onuma K, Ito A. Cluster Growth Model for Hydroxyapatite. Chem Mater. 1998;p.

3346–3351. Available from: https://pubs.acs.org/doi/10.1021/cm980062c.

[295] Cadez V, Erceg I, Selmani A, Domazet Jurasin D, Segota S, Lyons D, et al. Amor-

phous Calcium Phosphate Formation and Aggregation Process Revealed by Light

Scattering Techniques. Crystals. 2018;8(6):254.

[296] Williams BR, Gelman RA, Poppke DC, Piez KA. Collagen fibril formation. Opti-

mal in vitro conditions and preliminary kinetic results. The Journal of biological

chemistry. 1978 sep;253(18):6578–85. Available from: http://www.ncbi.nlm.nih.

gov/pubmed/28330.

[297] Li Y, Asadi A, Monroe MR, Douglas EP. pH effects on collagen fibrillogen-

esis in vitro: Electrostatic interactions and phosphate binding. Materials Sci-

ence and Engineering: C. 2009 jun;29(5):1643–1649. Available from: https:

//www.sciencedirect.com/science/article/pii/S0928493109000058.

[298] Wang Xj, Milner TE, Chang MC, Nelson JS. Group refractive index mea-

surement of dry and hydrated type I collagen films using optical low-coherence

reflectometry. Journal of Biomedical Optics. 1996 apr;1(2):212. Available from:

199



http://www.ncbi.nlm.nih.gov/pubmed/23014687http://biomedicaloptics.

spiedigitallibrary.org/article.aspx?doi=10.1117/12.227699.

[299] Chang SW, Buehler MJ. Molecular biomechanics of collagen molecules. Materials

Today. 2014 mar;17(2):70–76. Available from: https://www.sciencedirect.com/

science/article/pii/S1369702114000261.

[300] Batsanov SS. Van der Waals Radii of Elements. Inorganic Materials. 2001;37(9):871–

885. Available from: http://link.springer.com/10.1023/A:1011625728803.

[301] Tawfik DS, Viola RE. Arsenate replacing phosphate: alternative life

chemistries and ion promiscuity. Biochemistry. 2011 feb;50(7):1128–34.

Available from: http://www.ncbi.nlm.nih.gov/pubmed/21214261http://www.

pubmedcentral.nih.gov/articlerender.fcgi?artid=PMC3070116.

[302] Mancardi G, Hernandez Tamargo CE, Di Tommaso D, de Leeuw NH. Detection

of Posner’s clusters during calcium phosphate nucleation: a molecular dynamics

study. Journal of Materials Chemistry B. 2017 sep;5(35):7274–7284. Available

from: http://xlink.rsc.org/?DOI=C7TB01199G.

[303] Whitcher JP, Srinivasan M, Upadhyay MP. Corneal blindness: a global perspec-

tive. Bulletin of the World Health Organization. 2001;79:214–221. Available from:

https://www.scielosp.org/scielo.php?pid=S0042-96862001000300009{\&

}script=sci{\_}arttext.

[304] Congdon NG, Friedman DS, Lietman T. Important Causes of Visual Impairment

in the World Today. JAMA. 2003 oct;290(15):2057. Available from: http://jama.

jamanetwork.com/article.aspx?doi=10.1001/jama.290.15.2057.

[305] Thylefors B. Epidemiological patterns of ocular trauma. Australian and New

Zealand journal of ophthalmology. 1992 may;20(2):95–8. Available from: http:

//www.ncbi.nlm.nih.gov/pubmed/1389141.

[306] Hertsenberg AJ, Shojaati G, Funderburgh ML, Mann MM, Du Y, Funderburgh

JL. Corneal stromal stem cells reduce corneal scarring by mediating neutrophil

infiltration after wounding. PLOS ONE. 2017 mar;12(3):e0171712. Available from:

http://dx.plos.org/10.1371/journal.pone.0171712.

[307] Ziaei M, Greene C, Green CR. Wound healing in the eye: Therapeutic

prospects. Advanced Drug Delivery Reviews. 2018 feb;126:162–176. Available

from: http://www.ncbi.nlm.nih.gov/pubmed/29355667https://linkinghub.

elsevier.com/retrieve/pii/S0169409X18300061.

200



[308] Prabhasawat P. Amniotic Membrane: A Treatment for Prevention of Blindness

from Various Ocular Diseases — Prabhasawat — Siriraj Medical Journal. Siriraj

Medical Journal. 2007;59(3). Available from: http://www.smj.si.mahidol.ac.

th/sirirajmedj/index.php/smj/article/view/641.

[309] Berdahl JP, Johnson CS, Proia AD, Grinstaff MW, Kim T. Comparison of Su-

tures and Dendritic Polymer Adhesives for Corneal Laceration Repair in an In

Vivo Chicken Model. Archives of Ophthalmology. 2009 apr;127(4):442. Avail-

able from: http://www.ncbi.nlm.nih.gov/pubmed/19365021http://archopht.

jamanetwork.com/article.aspx?doi=10.1001/archophthalmol.2008.582.

[310] Miki D, Dastgheib K, Kim T, Pfister-Serres A, Smeds KA, Inoue M, et al. A

photopolymerized sealant for corneal lacerations. Cornea. 2002 may;21(4):393–9.

Available from: http://www.ncbi.nlm.nih.gov/pubmed/11973389.

[311] Garg P, Krishna PV, Stratis AK, Gopinathan U. The value of corneal transplan-

tation in reducing blindness. Eye. 2005 oct;19(10):1106–1114. Available from:

http://www.nature.com/articles/6701968.

[312] Michelacci YM. Collagens and proteoglycans of the corneal extracellular ma-

trix. Brazilian Journal of Medical and Biological Research. 2003 aug;36(8):1037–

1046. Available from: http://www.scielo.br/scielo.php?script=sci{\_

}arttext{\&}pid=S0100-879X2003000800009{\&}lng=en{\&}tlng=en.

[313] Chen S, Mienaltowski MJ, Birk DE. Regulation of corneal stroma extracellular

matrix assembly. Experimental Eye Research. 2015 apr;133:69–80. Available from:

https://www.sciencedirect.com/science/article/pii/S0014483514002152.

[314] Quantock AJ, Winkler M, Parfitt GJ, Young RD, Brown DJ, Boote C, et al. From

nano to macro: Studying the hierarchical structure of the corneal extracellular

matrix. Experimental Eye Research. 2015 apr;133:81–99. Available from: https:

//www.sciencedirect.com/science/article/pii/S0014483514002061.

[315] Ljubimov AV, Saghizadeh M. Progress in corneal wound healing.

Progress in retinal and eye research. 2015 nov;49:17–45. Available from:

http://www.ncbi.nlm.nih.gov/pubmed/26197361http://www.pubmedcentral.

nih.gov/articlerender.fcgi?artid=PMC4651844.

[316] Suzuki K, Saito J, Yanai R, Yamada N, Chikama Ti, Seki K, et al. Cell–matrix

and cell–cell interactions during corneal epithelial wound healing. Progress in

Retinal and Eye Research. 2003 mar;22(2):113–133. Available from: https:

//www.sciencedirect.com/science/article/pii/S1350946202000423.

201



[317] Agrawal VB, Tsai RJF. Corneal epithelial wound healing. Indian journal of ophthal-

mology. 2003 mar;51(1):5–15. Available from: http://www.ncbi.nlm.nih.gov/

pubmed/12701857.

[318] Velazquez AJ, Carnahan MA, Kristinsson J, Stinnett S, Grinstaff MW, Kim T.

New Dendritic Adhesives for Sutureless Ophthalmic Surgical Procedures. Archives

of Ophthalmology. 2004 jun;122(6):867. Available from: http://archopht.

jamanetwork.com/article.aspx?doi=10.1001/archopht.122.6.867.

[319] Sridhar MS. Anatomy of cornea and ocular surface. Indian Journal of Ophthalmol-

ogy. 2018 feb;66(2):190–194.

[320] Kim SH, Moon JH, Kim JH, Jeong SM, Lee SH. Flexible, stretchable and im-

plantable PDMS encapsulated cable for implantable medical device. Biomedical En-

gineering Letters. 2011 aug;1(3):199–203. Available from: http://link.springer.

com/10.1007/s13534-011-0033-8.

[321] Khan Y, Ostfeld AE, Lochner CM, Pierre A, Arias AC. Monitoring of Vital

Signs with Flexible and Wearable Medical Devices. Advanced Materials. 2016

jun;28(22):4373–4395. Available from: http://doi.wiley.com/10.1002/adma.

201504366.

[322] Wang Y, Wang L, Yang T, Li X, Zang X, Zhu M, et al. Wearable and Highly Sensi-

tive Graphene Strain Sensors for Human Motion Monitoring. Advanced Functional

Materials. 2014 aug;24(29):4666–4670. Available from: http://doi.wiley.com/

10.1002/adfm.201400379.

[323] Mannsfeld SCB, Tee BCK, Stoltenberg RM, Chen CVHH, Barman S, Muir

BVO, et al. Highly sensitive flexible pressure sensors with microstruc-

tured rubber dielectric layers. Nature Materials. 2010 oct;9(10):859–864.

Available from: http://www.ncbi.nlm.nih.gov/pubmed/20835231http://www.

nature.com/articles/nmat2834.

[324] Diversified Enterprises. Surface Energy Data for PDMS: Polydimethylsiloxane, CAS

#9016-00-6; 2009. Available from: http://www.accudynetest.com/polymer{\_

}surface{\_}data/polydimethylsiloxane.pdf.

[325] Durisova J, Pudis D, Goraus M, Gaso P. IP-Dip photoresist surfaces for photonic

applications prepared by laser lithography and studied by AFM. Applied Surface

Science. 2018 dec;461:108–112. Available from: https://www.sciencedirect.com/

science/article/pii/S0169433218317975.

202



[326] Spagnolo B, Brunetti V, Leménager G, De Luca E, Sileo L, Pellegrino T, et al. Three-

dimensional cage-like microscaffolds for cell invasion studies. Scientific Reports. 2015

sep;5(1):10531. Available from: http://www.nature.com/articles/srep10531.

[327] Tottori S, Zhang L, Qiu F, Krawczyk KK, Franco-Obregón A, Nelson BJ. Magnetic

Helical Micromachines: Fabrication, Controlled Swimming, and Cargo Transport.

Advanced Materials. 2012 feb;24(6):811–816. Available from: http://doi.wiley.

com/10.1002/adma.201103818.

[328] Hengsbach S, Lantada AD. Rapid prototyping of multi-scale biomedical microde-

vices by combining additive manufacturing technologies. Biomedical Microdevices.

2014;16(4):617–627.

[329] Lemma ED, Rizzi F, Sileo L, Spagnolo B, Dattoma T, Qualtieri A, et al. Static and

Dynamic Mechanical Characterization of Two-photon Lithography Photoresists.

2015;p. 2–3. Available from: http://www.nanopt.org/16Abstracts/2016{\_

}Lemma{\_}EnricoDomenico{\_}jlroldan@phantomsnet.net{\_}Abstract{\_

}NanoPT2016{\_}Lemma.pdf.

[330] O’Neill C, Jordan P, Riddle P, Ireland G. Narrow linear strips of adhesive substra-

tum are powerful inducers of both growth and total focal contact area. Journal of

Cell Science. 1990 apr;95(4):577–586.

[331] Andersson AS, Olsson P, Lidberg U, Sutherland D. The effects of continuous and

discontinuous groove edges on cell shape and alignment. Experimental cell research.

2003 aug;288(1):177–88. Available from: http://www.ncbi.nlm.nih.gov/pubmed/

12878169.

[332] Brunette DM. The effects of implant surface topography on the behavior of cells.

The International journal of oral & maxillofacial implants. 1988;3(4):231–46. Avail-

able from: http://www.ncbi.nlm.nih.gov/pubmed/3075965.

[333] Teixeira AI, McKie GA, Foley JD, Bertics PJ, Nealey PF, Murphy CJ. The effect of

environmental factors on the response of human corneal epithelial cells to nanoscale

substrate topography. Biomaterials. 2006 jul;27(21):3945–54. Available from:

https://linkinghub.elsevier.com/retrieve/pii/S0142961206000810http:

//www.ncbi.nlm.nih.gov/pubmed/16580065http://www.pubmedcentral.nih.

gov/articlerender.fcgi?artid=PMC4820342.

[334] Walboomers XF, Croes HJE, Ginsel LA, Jansen JA. Contact guidance

of rat fibroblasts on various implant materials. Journal of Biomedi-

cal Materials Research. 1999 nov;47(2):204–212. Available from: http:

203



//doi.wiley.com/10.1002/{\%}28SICI{\%}291097-4636{\%}28199911{\%

}2947{\%}3A2{\%}3C204{\%}3A{\%}3AAID-JBM10{\%}3E3.0.CO{\%}3B2-H.

[335] Fraser SA, Ting YH, Mallon KS, Wendt AE, Murphy CJ, Nealey PF. Sub-micron

and nanoscale feature depth modulates alignment of stromal fibroblasts and corneal

epithelial cells in serum-rich and serum-free media. Journal of biomedical materials

research Part A. 2008;86(3):725. Available from: https://www.ncbi.nlm.nih.

gov/pmc/articles/PMC3040512/.

[336] Saini M, Singh Y, Arora P, Arora V, Jain K. Implant biomaterials: A

comprehensive review. World journal of clinical cases. 2015 jan;3(1):52–7.

Available from: http://www.ncbi.nlm.nih.gov/pubmed/25610850http://www.

pubmedcentral.nih.gov/articlerender.fcgi?artid=PMC4295219.

[337] Dhaliwal JS, Rahman NA, Knights J, Ghani H, de Albuquerque Junior RF. The

effect of different surface topographies of titanium implants on bacterial biofilm: a

systematic review. SN Applied Sciences. 2019 jun;1(6):615. Available from: http:

//link.springer.com/10.1007/s42452-019-0638-6.

[338] Ferraris S, Spriano S. Antibacterial titanium surfaces for medical implants. Ma-

terials Science and Engineering: C. 2016 apr;61:965–978. Available from: https:

//www.sciencedirect.com/science/article/pii/S0928493115306755.

[339] Grischke J, Eberhard J, Stiesch M. Antimicrobial dental implant functionalization

strategies — A systematic review. Dental Materials Journal. 2016 jul;35(4):545–

558. Available from: https://www.jstage.jst.go.jp/article/dmj/35/4/35{\_

}2015-314/{\_}article.

[340] Hu K, Shi H, Zhu J, Deng D, Zhou G, Zhang W, et al. Compressed collagen gel as

the scaffold for skin engineering. Biomedical microdevices. 2010 aug;12(4):627–35.

Available from: http://www.ncbi.nlm.nih.gov/pubmed/20300856.

[341] Newbury DE, Ritchie NWM. Performing elemental microanalysis with high ac-

curacy and high precision by scanning electron microscopy/silicon drift detector

energy-dispersive X-ray spectrometry (SEM/SDD-EDS). Journal of Materials Sci-

ence. 2015 jan;50(2):493–518. Available from: http://link.springer.com/10.

1007/s10853-014-8685-2.

[342] Bracic M, Mohan T, Kargl R, Griesser T, Hribernik S, Kostler S, et al. Preparation

of PDMS ultrathin films and patterned surface modification with cellulose. RSC

Advances. 2014;4(23):11955–11961.

204



[343] Musgrave CSA, Fang F. Contact Lens Materials: A Materials Science Per-

spective. Materials (Basel, Switzerland). 2019 jan;12(2). Available from:

http://www.ncbi.nlm.nih.gov/pubmed/30646633http://www.pubmedcentral.

nih.gov/articlerender.fcgi?artid=PMC6356913.

[344] Vogel B, Siebert H, Hofmann U, Frantz S. Determination of collagen con-

tent within picrosirius red stained paraffin-embedded tissue sections using fluo-

rescence microscopy. MethodsX. 2015 jan;2:124–134. Available from: https:

//www.sciencedirect.com/science/article/pii/S2215016115000102.

205


